Wilfrid Laurier University

Scholars Commons @ Laurier
Theses and Dissertations (Comprehensive)
2019

Riparian Zone Soil Microbial Community Dynamics: Interactions
with Nutrient Loadings
James Bannister
bann9780@mylaurier.ca

Follow this and additional works at: https://scholars.wlu.ca/etd
Part of the Environmental Microbiology and Microbial Ecology Commons

Recommended Citation
Bannister, James, "Riparian Zone Soil Microbial Community Dynamics: Interactions with Nutrient
Loadings" (2019). Theses and Dissertations (Comprehensive). 2165.
https://scholars.wlu.ca/etd/2165

This Thesis is brought to you for free and open access by Scholars Commons @ Laurier. It has been accepted for
inclusion in Theses and Dissertations (Comprehensive) by an authorized administrator of Scholars Commons @
Laurier. For more information, please contact scholarscommons@wlu.ca.

Riparian Zone Soil Microbial Community Dynamics: Interactions with
Nutrient Loadings
by
James Won Bannister

THESIS

Submitted to the Department of Biology
Faculty of Science
in partial fulfillment of the requirements for the
Master of Science in Integrative Biology

Wilfrid Laurier University

© James Won Bannister 2019

Dedication:
I would like to dedicate my thesis to my late grandmothers, Stella Anne Bannister and Mee Hung
Won. You supported learning and education throughout my life, and you helped provide for me
the opportunities you never had. I stand on the shoulders of giants.

ii

Abstract
Riparian zones are a type of wetland described as the interface between land and a body of water
such as a river or stream. Riparian zones are effective buffers against anthropogenic pollutants
and nutrient loads from non-point sources that can greatly diminish water quality. Riparian zones
can host a variety of plant species and associated microbial communities. The combined
biological processes of plants, bacteria, and arbuscular mycorrhizal fungi (AMF) are key to
nutrient cycling and nutrient removal in riparian zones. As such, understanding the factors that
influence them is critical for watershed management. This research is targeted at obtaining a
better understanding of how changing effluent conditions affect rhizosphere bacterial community
structure and function as well as the colonization rates of arbuscular mycorrhizal fungi. In labscale planted wetland mesocosms, established with different plant species (Phalaris arundinacea
and Veronica anagallis-aquatica) and different water quality conditions (high and low quality),
we assessed shifts in bacterial community structure and function as well as AMF colonization
rates in response to changing effluent conditions. During phase 1 of the experiment, half of the
mesocosms planted with Phalaris arundinacea and half of the mesocosms planted with Veronica
anagallis-aquatica were randomly selected to receive either high or low quality water. After 91
days of receiving different water quality inputs, all mesocosms received a phosphorus addition.
In response to a phosphorus addition, bacterial community structure (assessed using denaturing
gradient gel electrophoresis) remained similar between all treatment groups (>50%), with the
exception of one outlier at 35 days after exposure (DAE), for the duration of the experiment.
Bacterial community function (assessed using Biolog Ecoplate™ data) was differentiated more
often by water quality treatment than associated plant species. AMF colonization rates of both
plants species in both water quality conditions were assessed using a multiple linear regression
that considered plant species, water quality, and time (days after exposure) as main effects and
also considered all 2 way interactions and one 3 way interaction. Arbuscular colonization rates
were found to differ based on plant species (P=0.052) in response to the phosphorus addition
with Phalaris arundinacea experiencing a decreasing trend or no significant change in AMF
colonization and Veronica anagallis-aquatica experiencing an increasing trend in colonization.
Forty-seven days after exposure to the phosphorus addition, mesocosm systems were switched to
an artificial freshwater composition for 66 days to allow communities to adjust before receiving
an artificial wastewater addition with no added organisms. Similar to the phosphorus exposure,
bacterial community structure remained similar between all treatment groups (>65%) throughout
the experiment. At 0 DAE, no consistent differences between plant species and water quality
treatment groups were observed. Shifts in both bacterial community structure and function
became homogenous in response to the artificial wastewater addition. All treatment group
communities remained homogenous to varying degrees after 20 DAE. Due to difficulties in
acquiring viable samples of Veronica anagallis-aquatica, analysis of AMF colonization was
limited to the Phalaris arundinacea treatment groups. AMF colonization was not significantly
different between water quality groups or over time in Phalaris arundinacea. Overall, the
findings suggest shifts in rhizosphere bacterial community structure and function are linked to
changes in inflow water conditions. Our findings also show that AMF colonization rates can
differ between plant species and can be affected by a phosphorus addition after 47 DAE.
Additionally, AMF colonization can change independently of the shifts occurring in rhizosphere
bacterial communities. We have demonstrated that changes in the two microbial communities
can be independent and that these communities display different sensitivities to different nutrient
iii

loads. Established riparian zone rhizosphere microbial communities were resilient to the effects
of the nutrient loads we assessed. The shifts in community structural and functional profiles were
temporary and communities were influenced by the same factors before nutrient loading as they
were after.
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Chapter 1: Introduction and Background
1.1 Introduction
1.1.1 Introduction to Wetlands
Wetland is a general term that describes a diverse collection of ecosystems whose shared
characteristic is soil that remains hydric (permanently or seasonally saturated with water) long
enough to establish hydrophytic vegetation. Wetlands include fresh and saltwater ecosystems,
coastal and inland waters, and can be found in various climates around the world. Wetlands can
support highly productive and biologically diverse communities that perform a variety of
essential and monetarily valuable ecosystem services (Gibbs 1993; Neori and Agami 2017).
These services include; flood/erosion prevention, groundwater replenishment, acting as a
biodiversity reservoir, pollution removal/attenuation, pathogen removal/attenuation, sediment
retention, and nutrient cycling (Johnston 1991; Lugtenberg et al. 2001; Stott et al. 2003; Reinoso
et al. 2008; Karimi et al. 2014; Sadhana 2014; Klemas 2015; Renouf and Harding 2015; Zhonglu
et al. 2015; Lerch et al. 2017). Estimates of wetland value vary greatly depending on the study
site and metrics considered but, overall, investments in wetland maintenance and restoration
provide benefits to water quality that are significantly greater than the implementation cost (Ton
et al. 1998; Ko et al. 2004; Chen et al. 2009; Fu et al. 2016; Roley et al. 2016; Daigneault et al.
2017). The restoration and maintenance of wetlands and the construction of artificial wetlands
are currently topics of great interest due to the potential benefits gained through the
understanding and manipulation of such systems (Polyakov et al. 2005; Verhoeven et al. 2006;
Tiwari et al. 2016; Maseyk et al. 2017; Li et al. 2018; de Sosa et al. 2018).
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1.2 Literature Review
1.2.1 Riparian Zone
There are many terms used in scientific literature to describe the area of interface
between land and bodies of water such as rivers or streams. These areas have their boundaries
defined by hydrology, vegetation, geography, environmental or ecological gradients and other
factors (Karr and Schlosser 1978; Swanson et al. 1982; Gregory et al. 1991). Riparian zone,
riparian strip, riparian forest, buffer zone, buffer strip and riparian buffer are a few of the
different names given to identical or highly related environments (Gregory et al. 1991). To avoid
confusion, and because many of these definitions overlap significantly in what they describe,
these areas will be referred to under the umbrella term “riparian zone”.
Riparian zones are efficient buffers against anthropogenic pollutants and nutrient loads
entering streams and rivers. Non-point source overland runoff originating from cropland, animal
feedlots, highways, city streets, mining and forestry industries, and other sources can greatly
diminish water quality; as measured by biodiversity, environmental management, recreation, and
human health (S.R. Carpenter et al. 1998; Martin et al. 1999; Mayer et al. 2007). Riparian zones
possess a diverse array of plant species. This ecological diversity is the product of variable flood
regimes, geographically unique channel processes, altitudinal climate shifts and variable upland
influences (Naiman and Decamps 1997). Riparian zones can host a variety of trees, forbs,
graminoids, shrubs, moss and emergent or aquatic plant species (Naiman et al. 1998). This
diversity of plant life also helps to facilitate a high diversity of animal life (Spackman and
Hughes 1995; Patten 1998; Mosley et al. 2006; Kuglerová et al. 2014).
Riparian zones have been heavily impacted by human activity in both urban and rural
land development. In rural areas, riparian zones are often cleared away to make room for
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farmland, grazing land, to increase drainage, to reduce competition for resources with crops, and
to remove the habitat for wildlife that may damage crops or interfere with farming practices. This
increased drainage and livestock activity combines to create a situation in which runoff from
farms, which can be high in nutrients and contain pathogenic organisms from manure, more
readily enters the watershed without the mitigating effects of the riparian zones (Vitousek et al.
1997; Klapproth and Johnson 2009).
In urban areas, riparian zones are often cleared away to make room for construction
projects, covering much of the soil in the watershed with hard impermeable surfaces. This
change causes large influxes of water to be quickly and more directly added to river systems
during precipitation events; which, in turn, causes more frequent and severe flooding events that
erode riverbanks and further damage riparian zones downstream. Water from these events is also
more likely to have picked up sediments, petroleum products and other pollutants by travelling
over non-permeable surfaces rather than through the soil (Vitousek et al. 1997; Klapproth and
Johnson 2009).

1.2.2 Water Quality and Nutrient Loading
Water quality can be assessed on the basis of many factors. General factors, such as;
temperature, colour, odour, turbidity, conductivity and pH as well as more specific factors, such
as; nutrient concentrations and speciation, organic contaminants, metals, and microbiological
indicators can be selected as variables in water quality assessments (Chapman, 1996). Natural
water sources contain low concentrations of nutrients derived from regular biogeochemical
cycles. These nutrients are sufficient to sustain levels of microbial growth that are not harmful or
disruptive to aquatic ecosystems. However, when those nutrient concentrations are increased
beyond the natural threshold, increased microbial growth can negatively impact water quality in
3

aquatic environments by producing toxic compounds and depleting dissolved oxygen (S.
Carpenter et al. 1998; Falconer and Humpage 2005). The resulting effects of this nutrient
enrichment, or eutrophication, are highly undesirable changes to ecosystem structure and
function (Carpenter et al. 1998).
Inorganic nitrogen and phosphorus pollution, which can negatively impact humans and
aquatic life on its own, are of additional concern due to the undesirable shift in phytoplankton
communities they cause (Townsend et al. 2003; Calvo and Tucker 2013). This increase in
available nutrients allows the excessive growth of bloom-forming species of algae (Carpenter et
al. 1998). These algal bloom events pose a twofold danger to water quality. First, several bloomforming species of algae are hepatotoxic and neurotoxin producers (Falconer and Humpage
2005). Second, once the algal bloom begins to die off, heterotrophic bacteria will decompose the
algal biomass utilizing dissolved oxygen in the process. This increase in heterotrophic activity
can quickly deplete the dissolved oxygen that more complex aquatic life forms depend on for
respiration (Carpenter et al. 1998).

Nutrient removal in riparian zones
The ability to remove nutrients or at least prevent their entry into waterways is one of the
most desirable functions of riparian zones. Interest in this field of research is stimulated by the
desire to better understand how to make riparian zones efficient and cost effective tools in
watershed management. Determining the relationship between riparian zone width and removal
efficiency is one of the commonly studied topics in the field (Mayer et al. 2007; Sweeney and
Newbold 2014; King et al. 2016; de Oliveira et al. 2016; Tiwari et al. 2016). Determining a
minimum effective width is important for urban and rural development and planning. A metaanalysis by Mayer et al. (2007) on the relationships between riparian zone width and the
4

efficiency of nitrogen removal in riparian zones found that widths of 50 m or greater,
consistently removed significantly more nitrogen than narrower riparian zones of 0-25 m. They
also found that while a variety of different plant communities were comparably effective in
nitrogen removal, herbaceous and forest vegetation type riparian zones became more effective
with increasing width where other plant assemblages did not. However, they also noted that
while width was a significant variable, many riparian zones of comparable width could vary
significantly in removal efficiency. These significant differences were suggested to have been
caused by variation in soil type, subsurface hydrology, and subsurface biogeochemistry (Mayer
et al. 2007).

Nitrogen and phosphorus as removal targets
Nitrogen and phosphorus have been recognized as primary nutrients of concern in
watershed protection. They have been identified as the most common growth limiting nutrients
for aquatic microorganisms in a variety of fresh and saltwater ecosystems (Goldman 1976;
Vitousek and Howarth 1991; Aerts et al. 1992; Elser et al. 2007; Conley et al. 2009; Gaoa et al.
2011). Their importance has made them contaminants of major interest in removal efficiency
research. Aguiar et al. (2015) found that 60 m riparian zones composed of woody vegetation
were capable of removing up to 99.9% of nitrogen and phosphorus coming from an agricultural
field using chemical fertilization techniques. However, equally sized riparian zones populated
with shrubby or grassy vegetation were significantly less effective (66.4% and 83.9%, and 52.9%
and 61.6%). In a similar study Kovacic et al. (2000) monitored three constructed wetlands
(described as being 0.3-0.8 ha in surface area) built to intercept runoff between tiled fields
growing Zea mays L. and Glycine max, and the adjacent Embarras River, IL, USA. They found
that the constructed treatment wetlands were able to remove 37% of the inflow nitrogen.
5

Additionally, when combined with a 15.3 m buffer area between the constructed wetland and the
river, the removal efficiency increased 9% to a total removal efficiency of 46%. Despite the
success in the removal of nitrogen, only 2% of the phosphorus load was removed by the
constructed wetlands and buffer area in this study (Kovacic et al. 2000). A review of different
types of constructed wetland studies has reported similar results with total nitrogen removal
efficiency rates between 40-55% for all types (Vymazal 2007).

Phosphorus removal rates in riparian zones and constructed wetlands have been reported
to be highly variable. Phosphorus does not cycle through the same valency changes that nitrogen
undergoes during assimilation or organic matter decomposition by microorganisms. The process
of phosphorus removal in wetlands is mainly dependent on adsorption, desorption, precipitation,
dissolution, plant and microbial uptake, leaching, mineralization, sedimentation and burial
(Vymazal 2007). Phosphorus cannot leave the environment in a gaseous form as nitrogen can.
Some studies have reported rates of removal as high as 99.9% (Aguiar et al. 2015) and 91.8%
(Mankin et al. 2007) of the inflow levels of phosphorus. However, analysis in other studies
report significantly lower retention of phosphorus by riparian wetlands and higher variability
(Hoffmann et al. 2009). Hoffmann et al (2009) reported in an analysis of 15 riparian zones
tracking phosphorus retention, that their efficiency ranged between 32-93% for total phosphorus
(median 67%) and -71-95% dissolved reactive phosphorus (median 65%). In some cases, the
dissolved reactive phosphorus in the effluent exceeded the influent concentrations suggesting
that some wetland constructions were mobilizing phosphorus from the soil and increasing the
effluent concentration. The retention of phosphorus in riparian zones and wetlands in general is
thought to be heavily influenced by rates of deposition and sedimentation as well as hydrological
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flow pathways which can vary greatly between study sites (Vymazal 2007; Hoffmann et al.
2009).
1.2.3 Rhizosphere Microbial Communities
Diversity and Composition of Bacterial Soil Communities
Soils are well known to harbor greatly diverse bacterial communities. The composition of
these communities is strongly shaped by environmental factors in the soil they inhabit. Factors
such as temperature, pH, water activity, nutrient availability, oxygen, soil composition, and plant
root exudates are predominant components that influence the development and persistence of soil
microbial communities (Marschner et al. 2004a; Hansel et al. 2008; Wakelin et al. 2008).
The identification and classification of bacterial taxa is a long running and ongoing task.
As new methods become available, better understandings of how to classify bacteria are
developed. Bacterial communities in soil are currently understood to be generally dominated by
the phyla; Proteobacteria, Acidobacteria, and Actinobacteria, with smaller but still significant
contributions from Verrucomicrobia, Bacteroidetes, Chloroflexi, Firmicutes, Planctomycetes,
Gemmatimonadetes, and other not yet classified bacteria (Janssen 2006; Lauber et al. 2009).
However, environmental factors that shape the community can significantly alter that
proportional breakdown. For example, Lauber et al. (2009) demonstrated the influence of pH on
proportional community shifts. At neutral pH (7-8) Acidobacteria had a relative abundance of
~20%, in soil communities. However, when assessing acidic soils (pH<4), Acidobacteria became
the dominant phyla with a relative abundance of >60%. Smaller and more specific, but still
significant, shifts in community demographics have been demonstrated by the effects of
fertilization (Soman et al. 2017), invasive plant species (Gordon-Bradley et al. 2015), climate
change (Wagner et al. 2009), and other specific soil amendments (Garau et al. 2007).

7

The Role of Rhizosphere Bacterial Communities in Riparian Zones
Microbial communities found in soil are key components of the functional properties of
riparian zones. Soil microbial communities are a well-studied facet of soil health due to their
important roles in nutrient cycling and breakdown of organic compounds (Pankhurst et al. 1995;
Doran and Zeiss 2000; Sharma et al. 2011).
Plant-associated microbial communities are found on all surfaces of the plant including
the leaves, stems, and roots. Those microbial communities found on and around the root system
are influenced by organic rhizodeposits which act as a nutrient source (Baudoin et al. 2003;
Philippot et al. 2013). Theses rhizodeposits include decaying root material from sloughed off
cells and mucilage, as well as root exudates that include compounds such as sugars and other
carbohydrates, and amino and organic acids. Bulk soil is typically carbon poor, and because
plants secrete up to 40% of their photosynthates into the soil surrounding their roots, soil
microbial community structure and function can be heavily influenced by the associated plant
community (Baudoin et al. 2003; Bais et al. 2006). These rhizosphere bacterial communities are
primary contributors to the riparian zone’s ability to mediate the effect of pollutants and
associated nutrient loads on water quality. Inorganic nitrogen and phosphorus compounds can be
removed by bacteria from runoff in a few different ways.
Inorganic nitrogen can be removed via nitrification-denitrification and anammox
reactions (Faulwetter et al. 2009). Nitrification-denitrification is a multi-step process, wherein,
ammona is converted to nitrite, nitrite is converted to nitrate, and nitrate is converted to nitrogen
gas which can leave the environment. Each of these transformations is completed by a different
group of bacteria or archaea as part of the nitrogen cycle. This process accounts for up to 90% of
the overall nitrogen removal in wetland ecosystems (Faulwetter et al. 2009). Additionally,
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annamox reactions remove inorganic nitrogen through the anaerobic conversion of nitrite and
ammonium to nitrogen gas and water (Mulder et al. 1995; Faulwetter et al. 2009). These
reactions are both highly desirable because the end product, nitrogen gas, can leave the
environment completely. Nitrogen can also leave the environment in the form of nitrous oxide
after partial denitrification (Hefting et al. 2003). While it is beneficial to remove nitrogen from
the environment as nitrogen gas, nitrous oxide is a potent greenhouse gas that can contribute to
climate change (Mosier et al. 1998; Ravishankara et al. 2009).
Inorganic phosphorus pollutants are removed from the environment by bacteria and
plants through assimilation rather than by microbially-mediated transformations in the way
nitrogen pollutants can be. Under certain conditions, bacteria can act as an environmental sink
for phosphorus (Gächter et al. 1988). Although bacteria are assimilating phosphorus, and will
release it upon death and decomposition, the form of phosphorus released can often be
biologically unavailable under certain redox conditions (Gächter and Mares 1985; Gächter and
Meyer 1993). Wetland plants and algae can also assimilate phosphorus; however, these pathways
for removal are less desirable because when that biomass dies and is decomposed, the organic
forms of phosphorus can be broken down again into more bioavailable forms that can continue to
contribute to potential eutrophication.

Arbuscular Mycorrhizal Fungi
Mycorrhizal symbiosis between fungi and plant roots is found nearly universally in
terrestrial plants and is being found increasingly often in wetland plants (Malloch et al. 1980;
Turner et al. 2000; Cornwell et al. 2001a). Arbuscular mycorrhizal fungi are one of at least seven
recognized types of mycorrhizal associations (Brundrett et al. 1996). These associations range in
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plant host species, fungal structures developed by the fungi, internal or external colonization of
the root, and associated benefits conferred by the symbiosis. Most of what is known about
arbuscular mycorrhizal fungi is based on the study of land plants, often in the context of
agriculture.
AMF symbiosis consists of a host plant that is colonized intracellularly by a fungus that
maintains hyphae extending out of the root into the surrounding soil (Smith and Smith 1990).
This symbiosis primarily facilitates an exchange of nutrient between arbuscular mycorrhizal
fungi (AMF) and host plants (Bonfante and Anca 2009; Wang et al. 2017). The process of
colonization begins when plant-produced strigolactones are recognized by AMF spores in the
soil (Gutjahr and Parniske 2013). Once recognized, they trigger the germination of those spores
and the release of mycorrhizal factors (Myc factors) into the soil. Once the plant recognizes the
Myc factors released by the germinating fungal spores, the process of root invasion can begin
(Oldroyd 2013). The hyphae of a germinated fungal spore grow until they come into contact with
the surface of a plant root. Once contact is recognized, the fungus begins to develop an
attachment structure known as a hyphopodium. Following attachment, the fungus will penetrate
through or between cells of the rhizodermis in order to reach the inner cortex cells of the plant
root (Genre et al. 2005; Bonfante and Anca 2009). Once inside the cortex, AMF can grow and
spread longitudinally inside the plant apoplast forming specialized fungal structures known as
arbuscules inside inner cortical cells (Demchenko et al. 2004).

Once the symbiosis is formed, fungi can scavenge nutrients from the environment that
plants would otherwise find inaccessible (Bolan 1991). This is primarily due to the limited
physical reach of plant roots. Once obtained, the exchange of scavenged nutrients for plant-made
carbohydrates can be facilitated by the arbuscules (Parniske 2008). This symbiotic relationship is
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of interest because plant health and growth is an important component of riparian zone function
and because control and/or removal of phosphorus, nitrogen and other nutrients can be critical in
the maintenance of aquatic ecosystem health.

Mycorrhizal Symbiosis Overview
AMF associations with land plants have been shown to increase nutrient availability,
modify plant hormone profiles, help control root pathogens and mediate plant interactions with
other beneficial microorganisms (Bagyaraj et al. 2015). Diffusion-limited nutrients, such as P,
Zn and Cu, can be difficult for plants to obtain due to their generally sessile lifestyle. Unless
mobilized and transported in water or soil through physical, chemical, or biological processes,
plants must rely on what can be obtained from soil within the range of their roots. AMF
associations have been shown to greatly improve plant access to nutrients by increasing the
spatial area around the root system from which nutrients can be obtained (Smith et al. 2013). By
growing a network of extraradical hyphae into the surrounding soil, AMF can reach several
centimeters into the soil surrounding plant roots to obtain nutrients that were previously spatially
unavailable to the host plant (Li et al. 1991; Smith et al. 2013). Acquisition of P, Cu, Zn and
other nutrients has been shown to increase significantly in plants inoculated with AMF when
compared to individuals without AMF associations (Li et al. 1991; Liu et al. 2000). Phosphorus
is critical to plant growth and life in general as it is incorporated into numerous critically
important biological molecules including DNA, ATP, membranes, signal molecules and many
other fundamental structural and functional parts of the cell. Cu, Zn and other micronutrients also
play important roles in plant enzyme structure, active site function or as catalytically active
cofactors (Grotz and Guerinot 2006; Hänsch and Mendel 2009). A deficiency in any of these
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nutrients can greatly alter or diminish plant growth and health (Mollier 2002; López-Bucio et al.
2003; Grotz and Guerinot 2006; Hermans et al. 2006; Hänsch and Mendel 2009).

Controls of AMF Association Formation and Maintenance
AMF associations are controlled by a variety of genetic and environmental factors.
Different species of AMF have different tolerance ranges to environmental factors as well as
different preferences in host plant species (Abbott and Robson 1991). The primary
environmental factors controlling terrestrial AMF colonization are water, salt, oxygen and soil
nutrient profiles.
Continuous flooding has been shown to decrease the prevalence of AMF associations in
salt marsh halophytes (Carvalho et al. 2003) as well as semi-aquatic wetland grasses (Miller
2000). Flooding also restricted the growth of extraradical hyphae to 2.5cm from a maximum of
16.5cm in colonized Typha latifolia in greenhouse experiments (Ipsilantis and Sylvia 2007).
Field studies assessing colonization along a water gradient have shown that colonization is
higher on the drier end of the gradient (Stevens and Peterson 1996; Carvalho et al. 2003). These
changes have been suggested to be a result of reduced plant growth under flooding conditions
leading to a decrease in photosynthetic activity, reducing the available carbohydrates to
exchange with AMF fungi for nutrients (Kozlowski and Pallardy 1984). It has also been
suggested that a lack of available oxygen in flooded soils may reduce AMF associations,
although it may be overcome if the colonized plant species has well developed air filled
arenchymal tissue to allow diffusion of oxygen to the rhizosphere (Justin et al. 1987). Previous
research has also demonstrated that water depth and flooding affect the diversity and
composition of the AMF community (Miller and Bever 1999; Wang et al. 2011). Some species
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of AMF being more or well adapted to flooded conditions have also been shown to be present
and active in nearby drier soils (Miller and Bever 1999).
Increased salt concentration has been demonstrated to reduce the rate of mycorrhizal
association, reduce hyphal growth, and reduce spore germination rate (Pfeiffer and Bloss 1988;
Juniper and Abbott 1993). These effects are thought to be caused by a combination of osmotic
stress and/or the toxic effects of specific ions on the fungi (Pfeiffer and Bloss 1988). It is also
possible that salt stressors on plants could reduce their overall health and performance leading to
a reduction in available carbohydrates which could reduce the formation of AMF associations
because the plant cannot produce sufficient carbohydrates to exchange with the fungi for
nutrients (Pfeiffer and Bloss 1988).
A primary function of AMF associations is to facilitate the exchange of plant-made
carbohydrates for nutrients collected from the soil by AMF. Therefore, it is understandable that
nutrient availability has repeatedly been shown to influence the formation of AMF associations
(Menge et al. 1978; Abbott and Robson 1991; Majdi et al. 2001; Treseder 2004). A 2004 metaanalysis of the available literature revealed that although there was a great deal of variation in
response to nitrogen and phosphorus additions across the studies reviewed, mycorrhizal
abundance was reduced by 15% by nitrogen additions and 32% by phosphorus additions
(Treseder, 2004).

AMF Interactions with Beneficial Bacterial and Plant Pathogens
The rhizosphere is a complex and diverse soil ecosystem containing webs of interaction between
plants, animals, bacteria and fungi. AMF have been shown to mediate interactions between plant
roots and other members of the soil community ecosystem. AMF communities influence and are
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influenced by interactions with beneficial groups of bacteria characterized as plant growth
promoting bacteria (PGPB) and mycorrhizal helper bacteria (MHB). Along with those beneficial
bacteria, AMF play an important role in the plant protection against pathogens.
AMF contribute to plant defence primarily through improved nutrient uptake and by competing
with potential pathogens for resources in the rhizosphere and rhizoplane. However, there is also
some evidence suggesting that they may also contribute by altering the growth of root systems,
influencing the soil bacterial community population, and the local elicitation of plant defence
mechanisms (Azcón-Aguilar and Barea 1997).
The effect of MHBs on mycorrhizal establishment can be species and soil condition
dependent (Ridge and Theodorou 1972; Bowen and Theodorou 1979; Garbaye and Bowen
1987). However, research has suggested they promote the establishment of mycorrhizal
associations, including AMF associations, through a variety of mechanisms. These proposed
mechanisms include affecting the receptivity of fungus to the root, root-fungus recognition,
modulating fungal growth, modifying soil conditions, and promotion of propagule germination
(Garbaye 1994; Tarkka et al. 2007).
PGPB are a subgroup of rhizosphere bacteria that grow on and around plant roots. They
confer many benefits to plants including increasing nutrient availability, modulating plant
hormone profiles, and increasing the host plant resistance to root pathogens by competing for
resources (Whipps 2001; Zehnder et al. 2001; Vessey 2003). Research has shown that the
prevalence of common PGPB genera can be modulated by the presence of AMF (Bonfante and
Anca 2009). Certain species of AMF can promote the presence of certain species of PGPB over
others (Roesti et al. 2005; Singh et al. 2008). Thus, changes in AMF community structure may
be influenced by bacterial community structure as well.
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Arbuscular Mycorrhizal Fungi in Wetland Plants
In contrast to AMF associations in land plants, AMF associations and their effects in
wetland and aquatic plants have had less study. Some early findings, showing little to no
colonization in wetland plant species, suggested that AMF may not play an influential role in
water saturated soils (Cooke et al. 1993; Peat and Fitter 1993). However, since then, many of the
same effects seen in land plants have been documented in wetland species (Khan and Belik
1995; Xu et al. 2016). Xu et al (2016) have most recently summarized findings showing that
AMF species colonize 99 different wetland plant families, and have been found in 31 different
habitat types around the world. Their review highlights that AMF associations in wetland plants
have been found to play roles in composition, diversity and succession of plant communities,
growth and nutrition of colonized plants, and may have positive, negative or neutral effects on
plant performance under different environmental conditions. Also noted are factors found to
affect the possible application of AMF in constructed wetlands (CW), including: flooding,
phosphorus availability, plant species, aerenchymal tissue, salinity, CW type and operation
mode, and wastewater quality. These more recent findings provide evidence that AMF remain
influential members of the rhizosphere community in wetland and aquatic plant communities,
however, their activity may be modulated by a not yet completely understood set of variables.
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1.3 Research Need
The existence of complex relationships between plant roots, bacteria and mycorrhizal
fungi are well recognized. These communities and their interactions have also been repeatedly
recognized for the beneficial roles they play in riparian zones. However, research in the field of
wetland and riparian zone microbial communities has been largely focused on determining if and
how efficient they are at removing or remediating specific pollutants or associated nutrient loads.
Our knowledge of how microbial community structure and function are altered by these
pollutants and associated nutrient loads is more limited. Additionally, the research that has been
done on riparian zone microbial communities is limited by studying bacterial communities and
mycorrhizal fungi in isolation from one another or by studying one-time “snapshots” of the
communities instead of monitoring them over time. To the best of my knowledge, among
existing wetland and riparian zone microbial community studies, none assess both bacterial and
mycorrhizal fungi communities from structural and functional perspectives and their changes
over time in response to nutrient loading. The dynamics of community change with respect to
how each of the, rhizosphere, rhizoplane, and mycorrhizal communities shift in proportion to
each other when exposed to high nutrient loads is also poorly understood. A more complete
understanding of the effects of nutrient loading on riparian zone soil microbial communities will
better inform best management practices in watershed protection.
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1.4 Overarching Research Question
To further our understanding of the effects of nutrient loading on riparian zone microbial
communities, specifically the relationship between arbuscular mycorrhizal fungi and rhizosphere
bacteria, I ask the following question, how do established riparian zone rhizosphere communities
of bacteria and arbuscular mycorrhizal fungi associated with different plant species and in
different water quality conditions vary structurally or functionally when exposed to changing
effluent conditions?

1.5 Objectives
In order to address this question I will pursue the following objectives:
1. Establish planted mesocosms receiving high and low quality water.
2. Expose the mesocosms to an environmentally relevant phosphorus addition and an
artificial wastewater addition.
3. Compare structural and functional profiles of riparian zone rhizosphere bacteria and
arbuscular mycorrhizal fungi communities before, during, and after phosphorus and
artificial wastewater additions.
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Chapter 2: Methodology
2.1 Experimental Approach
Mesocosm Construction and Set Up
Riparian wetlands are subject to strong influences from both nearby land and water. In
order to study the effects of nutrient loading on soil microbial communities over long periods of
time without confounding natural variables, as much control as possible over environmental
variables is required. To this end, twelve mesocosms were constructed and maintained in a
climate controlled greenhouse to conduct this research. The twelve mesocosms used in these
experiments were constructed and planted on September 19, 2016 by Lindsey Clairmont for her
PhD work (Clairmont 2018).
As described by Clairmont (2018), the mesocosms were constructed using 20 gallon glass
aquariums (Marineland ® , Blacksburg, Virginia USA) to mimic the design of a subsurface flow
wetland. Treatment water was stored in 5 gallon food application approved buckets that were
fitted with screw top lids (Home Depot®, Atlanta, Georgia USA) and distributed through a
peristaltic pump system (Masterflex 12 channel peristaltic pump with 2.76 mm santoprene
tubing, Cole Parmer®, Montreal, Quebec CA) using ¼ inch black plastic drip irrigation tubing
(Indoor Farmer, Kitchener, Ontario CA). The bottom 10 inches of each aquarium was filled with
3/8 inch pea gravel (KING ® , Burlington, Ontario CA) on top of which a 75:25 (v:v) mixture of
silica sand (#20 grade high purity filter sand, Fairmount Minerals®, Wedron, Illinois USA) and
Grand River sediment was added. Sediment was collected from the West Montrose sampling
location (West Montrose, ON N0B2S0 43.588219, -80.470979) on September 18, 2016 was
using sterile bags and stored at 4°C until use. The rear 2 inches of each tank was filled with ¾
inch drainage gravel (KING ® , Burlington, Ontario CA) to a height of 14 inches from the
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bottom of the aquarium. Drainage from the mesocosms was facilitated by drilling a hole at the
bottom of each aquarium and inserting a 10 inch length of ¾ inch PVC pipe that was held in
place using aquarium grade non-toxic silicone sealant (Marineland ®, Blacksburg, Virginia
USA). Multiple 1-2 mm wide slits were cut along the length of a larger piece of PVC pipe in 1
inch intervals (2 inch diameter, 14 inch height, Home Depot®, Atlanta, Georgia USA) which
was then placed around the 3/4 inch outflow pipe and attached to the base of the aquarium using
aquarium sealant to prevent the outflow pipe from becoming clogged with particulate matter in
the effluent. Once the mesocosms were assembled they were filled to capacity (8.42-8.67 L) with
water obtained from the West Montrose sampling site along the Grand River.
Each mesocosm was then planted with seeds from either Phalaris arundinacea (collected
from the Grand River in 2015) or Veronica anagallis-aquatica (collected from the Grand River
in 2016). Seedlings were germinated in darkness at room temperature (~23°C) under sterile
conditions on filter paper saturated with DI water for 96 hours before planting. A total of 32
seedlings were transferred to each tank and distributed evenly. The mesocosms were maintained
under greenhouse conditions with a relative humidity and temperature of 40-60% and 24-28°C,
respectively (Centre for Cold Regions and Water Science, Waterloo, Ontario. All aquariums
were fed using the peristaltic pump system with a constant inflow rate of approximately 1.111.32 mL/min. Hydraulic retention time (HRT) for the mesocosms varied throughout the
experiment due to changes in evapotranspiration volumes over the lifespan of the plants,
however, during the experimental time period HRT was approximately 6 days. On May 8, 2017,
33 weeks after mesocosm establishment, half of the P. arundinacea mesocosms (3 of 6 total) and
half of the V. anagallis-aquatica mesocosms were randomly selected to receive Grand River
water from the poor water quality site (Doon, Kitchener, ON 43.386376, -80.387547). This site
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was determined previously to have had the poorest water quality of all of the sites sampled by
Clairmont (2018) and is classified as having poor water quality by the Grand River Conservation
Authority (Loomer and Cooke 2011). The other half of the mesocosms received water from a
high water quality site (West Montrose, Waterloo, ON 43.588219, -80.470979). This site was
also previously determined to have the highest water quality of all sites sampled by Clairmont
(2018) and is classified as having high water quality by the Grand River Conservation Authority
(GRCA) (Loomer and Cooke 2011). Mesocosms were exposed to the different water quality
conditions for a total of 91 days before the experiments described in this thesis commenced.
2.1.1 Phase 1
Throughout the duration of the first experimental phase, mesocosms continued to receive
the same high or low quality river water they did during the establishment period. This water was
collected from the Grand River weekly and stored under previously described greenhouse
conditions. Additionally, all 12 mesocosms received a one-time concentrated exposure of
phosphorus. The exposure lasted two hours and consisted of a manual addition of 8.5 L of a 5
mg/L P2O5 solution (Sigma Aldrich, Oakville, ON, CA) using either an empty bucket from the
high or low water quality treatment buckets depending on which treatment that mesocosm was
receiving. Soil and water samples were taken at 0, 7, 21, 35 and 49 days after exposure (DAE).
Root samples were only taken at 0, 21 and 49 DAE as a precautionary measure to limit the
disruptive impact it may have on hydrologic flow and microbial community stability.
2.1.2 Phase 2
After phase one’s final sample date, the treatment water regimen was changed so that all
mesocosms received the same composition of artificial freshwater (Table 2.1). The mesocosms
were then given an adjustment period of 66 days to acclimate and adjust to the new water
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conditions. On December 1st 2017 a one-time addition of nutrients, simulating wastewater
(Organisation for Economic Co-operation and Development 1997), was added as a supplement
to the artificial freshwater composition they were receiving for 24 hours (Table 2.2). Samples
were taken at 0, 3, 6, 13 and 21 days after the exposure. A narrower timeframe than in phase 1
was selected for sample times because the composition of the artificial wastewater included
carbon sources and macronutrients likely to stimulate microbial growth (Serra and Zanarini
1987; Low and Chase 1999; Makino et al. 2003).
Table 2.1: Artificial Freshwater Composition Supplemented to Approximate Grand River Water
Conditions*
Macronutrients

Concentration in g/L

KNO3

8.088x10-3

Ca(NO3)2

1.3128x10-2

MgSO4•7H2O

7.394x10-3

NaH2PO4•2H2O

4.15x10-3
Micronutrients

Concentration in g/L

MnSO4•4H2O

4.462x10-5

CuSO4•7H2O

4.994x10-6

ZnSO4•7H2O

5.75x10-6

H3BO3

6.1832x10-5

NaCl

1.1688x10-4

(NH4)6Mo7O24•4H2O

1.73x10-6

Fe EDTA

3.67x10-4
Water Hardness Supplement

NaHCO3

Concentration in g/L
9.6x10-2

CaSO4•2H2O

6x10-2

MgSO4

6x10-2

KCl

4x10-3

*Composition based on Bridgewater (2012). Artificial freshwater components were dissolved in
DI water.
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Table 2.2 Artificial Wastewater Composition Added to Artificial Freshwater in Phase 2*
Reagent

Concentration in g/L

Peptone

1.6x10-1

Meat Extract

1.1x10-1

CO(NH2)2

3x10-2

NaCl

7x10-3

CaC12•2H2O

4x10-3

MgSO4•7H2O

2x10-3

K2HPO4

2.8x10-2

*Composition based on OECD (1997)
2.2 Materials and Methods
Sampling
Soil, water and root samples were obtained in the morning of each sample day. The
sample location within the mesocosm was selected randomly from 1 of 9 equally sized sectors
(3x3 grid). The randomly selected sampling sector was consistent between all mesocosms for
each sampling event to eliminate differences between sectors based on any possible gradients
within the mesocosms.
Soil and root samples were collected by following the above ground portion of a plant
down to the roots and then loosening soil and exposing roots for collection with a scoopula that
was disinfected with 70% ethanol v/v between samples. Root samples were preserved in 70%
ethanol v/v until they could be processed. Effluent water samples were collected by placing
Falcon™ 50 mL Conical Centrifuge Tubes (Corning, NY, USA) beneath the outflow pipe and
allowing water to drip out and accumulate. All samples were stored at 4ºC for no more than 48
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hours before processing unless otherwise specified. 0 DAE samples are collected immediately
after nutrient additions.

2.2.1 Artificial Freshwater
The artificial freshwater composition (Table 2.1) used in the second phase of the
experiment is based on a combination of a 1/50th dilution of Long Ashton’s nutrient solution
supplemented with the moderately hard water composition from Standard Methods for the
Examination of Water and Wastewater 22nd ed (Bridgewater 2012). This solution was raised up
to pH 8.3 using 1% w/v NaOH to more accurately simulate the pH of water from the Grand
River, Waterloo, ON, Canada based on historical data (Loomer and Cooke 2011).

2.2.2 Water Chemistry
Effluent water samples were assessed for pH, nitrate, nitrite, unionized ammonia and
total reactive phosphorus (TRP) content using a DR/890 HACH® Portable Colorimeter and a
DR3900 HACH® VIS Spectrophotometer (HACH®, Loveland, CA). Ammonia, nitrate, nitrite
and TRP were measured using HACH® methods 8155, 8171, 8507 and 10209. These readings
were monitored as a reflection of plant and microbial community function within the mesocosm
systems. A 1 mg/L standard solution of each compound was measured every 3 sampling events
to verify equipment accuracy.

2.2.3 Mycorrhizal colonization
The presence and prevalence of certain fungal structures within the roots of colonized
plants can be used as an indicator of the extent to which the mycorrhizal symbiosis is active.
Towards the goal of assessing this, 0.7 ± 0.1 g of each root sample was measured and set aside
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for staining and mounting on 75x25x1 mm frosted VWR microscope slides (VWR International,
Radnor, PA, USA) for the purpose of estimating mycorrhizal colonization rates. The ink and
vinegar method (Vierheilig et al. 1998) was used to stain the roots for visualization of fungal
structures under the microscope (Jenalumar light microscope, ZEISS, Oberkochen, Germany)
and mycorrhizal colonization was estimated using the magnified intersectional method
(McGonigle et al. 1990). The percentage of hyphal, vesicular and arbuscular AM colonization
was calculated after assessing 100 fields of view per sample. Images of AMF root colonization
were obtained using an AxioCam MRc (ZEISS, Oberkochen, Germany) mounted onto an Axio
Scope.A1 microscope (ZEISS, Oberkochen, Germany) and using the ZEN lite software (ZEISS,
Oberkochen, Germany).
Colonization data was not and could not be made normal through log, ln, squared or
square root transformations. In order to satisfy assumptions of normality and homoscedasticity, a
multiple linear regression was performed on rank transformed data. Data transformations and
linear regressions were performed in XLSTAT Statistical Analysis Software (Addinsoft, Paris,
France) and the XLSTAT-R extension using the additional “Rfit” package (Kloke and Mckean
2012) in the R core software (R Core Team 2019). Water treatment and plant species were
treated as main effect categorical variables and days after exposure (DAE) was treated as a main
effect continuous variable. All 2 way interactions and one 3 way interaction between main
effects were considered.

2.2.4 Community Level Physiological Profiling
Biolog Ecoplates™ are 96 well microtiter plates that contain 32 different wells in
triplicate. 31 of those wells contain a single carbon source mixed with a colorless tetrazolium dye
and the last well contains only the dye. When inoculated with a microbial community capable of
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utilizing the carbon source present in the well, a purple color develops in the solution as the
tetrazolium dye becomes reduced in well when interacting with reducing molecules produced by
bacterial metabolization of carbon sources. Development of color was quantified using a
spectrophotometer. This pattern of carbon source utilization can then be analyzed in a variety of
ways to further understand the community level physiological profile (CLPP) generated by this
technique (Garland and Mills 1991; Garland 1997).
One gram of sample soil was diluted into 99 mL of sodium-free phosphate buffer (5 mM
MgCl2 and 1.25 mM KH2PO4 in DI water). This mixture was shaken in 250 mL Erlenmeyer
flasks on an orbital shaker (C76 Water Bath Shaker, New Brunswick Scientific, Edison, NJ,
USA) at 250 rpm for 30 minutes at room temperature (23 ºC). After shaking, the suspension was
used to inoculate Biolog EcoPlates™ (Biolog, Hayward, CA, USA). The plates were read in a
xMark™ Microplate Absorbance Spectrophotometer (Bio-Rad Laboratories Inc., Hercules, CA,
USA) at 0, 24, 48, 72, 96 and 120 hours after incubation at room temperature (23 ±2 °C)
measuring absorbance at a wavelength of 590 nm.
Absorbance data was then used to carry out principal components analysis (PCA) in
XLSTAT©-Base (Version 2016.02.275554, Addinsoft, Inc., New York, NY) (Zak et al. 1994).
PCA is a statistical technique wherein the dimensionality of a data set is reduced through
orthogonal transformation by converting a set of possibly correlated variables into a new set of
linearly uncorrelated variables referred to as principal components (PC). These PCs are designed
to concentrate the variance in a data set into fewer dimensions to better visualize the similarities
or differences based on the original set of variables (Glimm et al. 1997; Weber et al. 2007). In
this application, the microbial communities associated with different plant species and water
quality treatment groups are being compared by their patterns of carbon source utilization on
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Biolog EcoPlates™. Additionally, Shannon diversity (𝐻′ = − ∑𝑛𝑖=1 𝑝𝑖 ln 𝑝𝑖) was calculated as a
measure of the richness and evenness of carbon source utilization by the microbial community
rather than its more common use as a measure of species richness and evenness. Therefore, in
this analysis, species richness is substituted for diversity of carbon sources utilized and the
species evenness is substituted with the proportional contribution of a substrate’s absorbance to
the total absorbance of carbon substrates (Zak et al. 1994). A metabolic guild-based analysis was
based on Biolog EcoPlates™ carbon substrates usage by subdividing the 31 carbon substrates
into five groups (polymers, carbohydrates, carboxylic and ketonic acids, amino acids, and amines
and amides; Table 2.3) and comparing their change in percent usage over time (Gryta et al.
2014).

2.2.5 DNA Extractions
DNA was extracted from 1 gram of soil using a DNeasy PowerSoil Kits (Qiagen, Hilden,
Germany) following the included protocol and stored at -80ºC until further use in PCR-DGGE.

2.2.6 Polymerase Chain Reaction-Denaturing Gradient Gel Electrophoresis (PCR-DGGE)
PCR-DGGE is a culture independent technique to analyze the genetic diversity of
complex microbial communities (Muyzer et al. 1993). The technique is based on separating short
sequences of PCR amplified 16s rDNA by their guanine-cytosine (GC) content on a
polyacrylamide gel created with a gradient of DNA denaturing chemicals (urea and formamide).
This process results in a gel from which a community fingerprint can be generated based on
banding pattern and band intensity. Different bands can be considered operational taxonomic
units (OTUs) and their intensities’ represent their prevalence in the community.
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Table 2.3 Carbon Sources in Biolog Ecoplates™ Organized by Compound Group
Carbon Source
Tween 40
Tween 80
α-Cyclodextrin
Glycogen

Compound Group
Polymers

Pyruvic acid methyl ester
D-Cellobiose
α-D-Lactose
β-Methyl-D-glucoside
D-Xylose
i-Erythritol
D-Mannitol
N-Acetyl-D-glucosamine
Glucose-1-phosphate
D,L-α-Glycerol phosphate

Carbohydrates

D-Glucosaminic acid
D-Galactonic acid-γ-lactone
D-Galacturonic acid
2-Hydroxybenzoic acid
4-Hydroxybenzoic acid
γ-Hydroxybutyric acid
Itaconic acid
α-Ketobutyric acid
D-Malic acid

Carboxylic and Ketonic acids

L-Arginine
L-Asparagine
L-Phenylalanine
L-Serine
L-Threonine
Glycyl-L-glutamic acid

Amino acids

Phenylethylamine
Putrescine

Amines and Amides
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Although “species” richness and diversity may be discussed, diversity cannot actually be
evaluated on a species level due to the fact that a band may contain PCR product from more than
one species if the GC content of their amplified segment is equal despite being in different
sequence. Despite this accommodation, DGGE remains a useful tool to rapidly profiles for
microbial communities and can resolve members that make up as little as 1% of the community.
DGGE profiles are very useful in comparative analysis (Muyzer et al. 1993).
A section of the V3 region of the 16s bacterial rDNA was amplified through PCR
(iCycler iQ™ Multicolor Real-Time PCR Detection System, Bio-Rad Laboratories Inc.,
Hercules, CA) using universal primers (Ogino et al. 2001), 375F (5’CCTACGGGAGGCAGCAG-3`) and 518R (5`-ATTACCGCGGCTGCTGG- 3`). The 375F
primer included a GC clamp (CGCCCGCCGCGCCCCGCGCCCGTCCCGCCGCCCCCGC
CCG) on the 5` end (Sigma Aldrich, Oakville, Ontario CA). The GC clamp is utilized to fix
DNA bands in the gel by preventing the denatured strands of DNA from dissociating completely
and escaping the gel matrix.
The PCR reaction conditions were as follows; an initial denaturation of 94°C for 5 min,
followed by 20 cycles of 94°C, 65°C and 72°C for 1 min each. The annealing temperature of
65°C was decreased every 2 cycles by 1°C to a temperature of 56°C on the 20th cycle. This was
followed by 10 additional cycles of 94°C, 55°C and 72°C for 1 min each. The final extension
step consisted of 7 min at 72°C, after which the final PCR product was held at 4°C until storage
at -20°C.
The PCR product was subjected to electrophoresis on 1.8% agarose gels stained with
ethidium bromide to confirm presence of amplified DNA with size corresponding to the targeted
16s rDNA fragment. Samples were then run (15 µl PCR product) on 20 ml acrylamide gels (8%
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acrylamide) with a 40-60% denaturant gradient (8-13 mL formamide and 8.4-13.65 g urea)
formed with a peristaltic pump gradient former (VWR Mini Pump Variable Flow, VWR
Scientific, Radnor, PA, USA) for 19 hours at 65 °C on a CBS Scientific TM DGGE-2401
machine (CBS Scientific Inc., Del Mar, CA, USA) powered using a PowerPac™ Basic Power
Supply (Bio-Rad Laboratories Inc., Hercules, CA, USA) to separate DNA by guanine-cytosine
content. The gels were then stained with SYBR Gold nucleic acid stain (Thermo Fisher
Scientific, Waltham, MA) while shaking at 15 rpm on an orbital shaker (VWR Orbital Shaker,
VWR Scientific, Radnor, PA) for 1 hour and imaged with UV light (Gel Doc™ XR+ Gel
Documentation System, Bio-Rad Laboratories Inc., Hercules, CA). Images were analysed using
the gel comparison software GelCompar II (Applied Maths ©, Belgium). Similarity matrices
(Dice-Sorensen Index) and UPGMA dendrograms were created based on banding patterns and
band intensity generated in GelCompar II.
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Chapter 3: Microbial Community Shifts Associated with a One-Time Phosphorus Loading
in Lab-Scale Planted Wetland Mesocosms
This research was designed to further our understanding of the effects of nutrient loading
on riparian zone microbial communities, specifically the relationship between arbuscular
mycorrhizal fungi and rhizosphere bacteria. For that purpose, I asked the following question,
how do established riparian zone rhizosphere communities of bacteria and arbuscular
mycorrhizal fungi associated with different plant species adapted to different water quality
conditions vary structurally or functionally when exposed to a phosphorus addition? During this
phase of the experiment, 12 mesocosm systems established with Phalaris arundinacea or
Veronica anagallis-aquatica were selected randomly to receive a high (West Montrose) or low
(Doon) water quality treatment for 91 days prior to a phosphorus addition. After 91 days, a
phosphorus addition of 5 mg/L P2O5 was added to all systems. This design created 4 treatment
groups with 3 replicates each.
3.1 Results and Discussion
Water Chemistry Monitoring
Water chemistry data were recorded throughout the experiment to supplement our understanding
of changes occurring within the mesocosm systems. The average unionized ammonia
concentration in the outflow waters of all mesocosm treatment groups ranged between 0.05 and
0.12 mg/L at 0 days after exposure (DAE) (Figure 3.1). The concentration of unionized ammonia
in inflow waters increased at 3 DAE following a precipitation event during water collection from
the Grand River. This precipitation event resulted in an unplanned increase in nitrogenous
compounds in the inflow water of all mesocosm systems at 3DAE (Figures 3.1, 3.2, and 3.3).
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Figure 3.1: Quantification of unionized ammonia (mg/L) in mesocosm outflow water through
colorimetry utilizing HACH water test kits at 0, 3, 7, 21, 35 and 49 days after exposure (DAE) to
a phosphorus addition. West Montrose and Doon inflow water as well as the Ontario provincial
water quality objective (PWQO) are shown for comparison. The high water quality treatment,
West Montrose, is denoted WM and the low water quality treatment, Doon, is denoted D. Error
bars represent standard deviation (n=3).
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Figure 3.2: Quantification of nitrate (mg/L) in mesocosm outflow water through colorimetry
utilizing HACH water test kits at 0, 3, 7, 21, 35 and 49 days after exposure (DAE) to a
phosphorus addition. West Montrose and Doon inflow water as well as the Ontario provincial
water quality objective (PWQO) are shown for comparison. The high water quality treatment,
West Montrose, is denoted WM and the low water quality treatment, Doon, is denoted D. Error
bars represent standard deviation (n=3).
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Figure 3.3: Quantification of nitrite (mg/L) in mesocosm outflow water through colorimetry
utilizing HACH water test kits at 0, 3, 7, 21, 35 and 49 days after exposure (DAE) to a
phosphorus addition. West Montrose and Doon inflow water as well as the Ontario provincial
water quality objective (PWQO) are shown for comparison. The high water quality treatment,
West Montrose, is denoted WM and the low water quality treatment, Doon, is denoted D. Error
bars represent standard deviation (n=3).
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At 7 DAE the concentration of unionized ammonia in all outflow water increased
following being fed with the inflow water collected during the 3 DAE precipitation event. The
concentration of unionized ammonia at the 21, 35 and 49 DAE returned back to levels
comparable to those recorded at 0 DAE. The outflow concentrations of unionized ammonia
ranged between 0.013-0.12 mg/L, above the Ontario provincial water quality objective (0.019
mg/L), after the phosphorus addition except at 3 and 7 DAE which were influenced by the
precipitation event and had higher concentrations of unionized ammonia (up to 0.44 mg/L).
The concentration of nitrate in the inflow waters varied throughout the experiment
(Figure 3.2). At 3 DAE there was a precipitation event during water collection and an increase in
nitrate concentration was observed in both inflow waters. However, at 7 DAE and all other
subsequent sample days the nitrate concentrations in the inflow waters were similar to the nitrate
levels detected at 0 DAE. Outflow water concentrations of nitrate in all 4 treatment groups
remained below the Ontario provincial water quality objective throughout the entire experiment.
The concentration of nitrite in the inflow waters varied considerably throughout the
experiment (Figure 3.3). Neither of the inflow waters consistently had higher nitrite
concentrations than the other and did not increase or decrease at the same sample dates. The
concentration of nitrite in the inflow waters was consistently below the Ontario provincial water
quality objective (PWQO) with the exception of the low water quality water (Doon) at 3 DAE.
All mesocosm outflow water concentrations of nitrite varied throughout the experiment but
remained consistently below the PWQO. Changes in inflow water nitrite concentration were not
consistently mirrored by the outflow waters nitrite concentrations.
21 days before exposure (DBE) to the 5 mg/L addition of P2O5, the total reactive
phosphorus (TRP) concentrations in mesocosm outflow water was comparable between all 4
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treatment groups with the highest average concentration in the low water quality treatment
groups (Doon) (Figure 3.4). At this time, the inflow water concentrations of TRP, from the low
and high quality sites on the Grand River, were lower than the outflow concentrations exiting the
mesocosms. The phosphorus removal rate in the mesocosm systems at this time was negative, as
the concentration of reactive phosphorus that was exiting the system was almost double the
concentration in the inflow water. This increase in TRP is likely due to phosphorus mobilization
by microbial communities in the soil that require more phosphorus than what is available in the
inflow water (Ready et al. 1999). The concentration of TRP in the inflow water increased after
the one-time additions of P2O5 to the high and low quality river waters. However, the high
quality inflow water (West Montrose, 2.709 mg/L) measured more than double the concentration
of TRP that the low quality water (Doon, 1.217mg/L) did, despite receiving equal amounts of
P2O5. This difference could potentially be attributed to an unusually high TRP concentration in
the water from the high quality site on the day water was collected before the phosphorus
addition. It could also potentially be influenced by the co-precipitation of TRP with cations in the
low quality water. Dependant on whether water pH is more acidic or basic, phosphorus has been
shown to co-precipitate with iron, aluminum, or calcium ions (Ready et al. 1999). Under more
basic conditions (the inflow waters’ pH at this time was 8.85-8.32) calcium co-precipitation is
more likely (Ready et al. 1999). However, calcium was not quantified as part of our water
chemistry monitoring and historical monitoring data from the sample sites at the time of water
collection could not be obtained to confirm either of these explanations. For the remainder of the
sampling period, inflow water concentrations of TRP remained comparable to the TRP
concentrations measured 21 DBE. Outflow concentrations of all mesocosms treatment groups
decreased at 0 and 3 DAE (some measurements as low as <0.006 mg/L).
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Figure 3.4: Quantification of total reactive phosphorus (mg/L) in mesocosm outflow water
through colorimetry utilizing HACH water test kits at 21 days before exposure (DBE) to a
phosphorus addition and , 0, 3, 7, 21, 35 and 49 days after exposure (DAE). West Montrose and
Doon inflow water as well as the Ontario provincial water quality objective (PWQO) are shown
for comparison. The high water quality treatment, West Montrose, is denoted WM and the low
water quality treatment, Doon, is denoted D. Error bars represent standard deviation (n=3).
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TRP concentrations in the outflow water of all treatment groups increase slowly at 7 and
14 DAE. At 28 and 49 DAE TRP concentrations in all mesocosms were similar and had returned
to levels comparable to those recorded 21 DBE. Between 0 and 47 DAE the TRP removal rate
was positive in all treatment groups in contrast to the negative removal rates recorded at 21 DBE.
This demonstrates that an environmentally relevant addition of phosphorus, approximately 2-5
times more concentrated than the concentrations of TRP measured in the low and high quality
Grand River water that the mesocosm systems were established with, increased the phosphorus
removal rate of all mesocosm systems. The average % removal at 3DAE varied between
treatments (32.66% - 96.18% removal). However, removal rates were generally high (>90%)
with the exception of 1 outlier in the Phalaris and low water quality treatment. This change in
phosphorus removal is likely due to the abundance of reactive phosphorus lowering the demand
for phosphorus mobilization from the soil. The average TRP concentrations of all inflow and
outflow waters remained above the Ontario provincial water quality objective (0.03 mg/L)
during the sampling period except for Phalaris in the low quality water treatment (Doon) at 3
and 14 DAE.
The average pH of all mesocosm inflow and outflow waters remained consistently
between 7 and 9 throughout the experiment (Figure 3.5). The high quality inflow water (West
Montrose) remained consistently higher than the low quality inflow water (Doon). However,
throughout the sampling period all mesocosm treatment group outflow waters had comparable
pH measurements. The pH of the mesocosm outflow waters varied mirroring the changes seen in
the inflow waters. Trends in pH observed were similar between all treatment groups.
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Figure 3.5: Quantification of pH in mesocosm outflow water at 0, 3, 7, 14, 28, 35 and 49 days
after exposure (DAE) to a phosphorus addition. West Montrose and Doon inflow water are
shown for comparison. The Ontario provincial water quality objective for fresh water aquatic life
suggests a pH range of 6.5-9. The high water quality treatment, West Montrose, is denoted WM
and the low water quality treatment, Doon, is denoted D. Error bars represent standard deviation
(n=3).
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Shifts in Community Function
Throughout phase 1 of the experiment (47 days) functional shifts in rhizosphere bacterial
communities varied between water quality treatment groups. Both the Phalaris and Veronica
planted mesocosms receiving the low water quality treatment (Doon) profiled bacterial
rhizosphere communities with a higher metabolic diversity (assessed by calculating Shannon
Diversity (H′) based on absorbance readings from Biolog™ Ecoplates) on average compared to
those associated with the Phalaris and Veronica planted mesocosms receiving the high quality
water treatment (West Montrose) at 0 days after exposure (DAE) to the phosphorus addition
(Figure 3.6). At 7 DAE the bacterial rhizosphere communities receiving the high quality water
treatment had increased in metabolic diversity and become comparable to the bacterial
rhizosphere communities receiving the low quality water treatment. For the rest of the sampling
period the metabolic diversity varied to a similar degree in all 4 treatments with the largest
increase seen at 19 DAE in the Phalaris treatment receiving the low water quality treatment.
When assessed by pooling absorbance readings from Biolog™ Ecoplate carbon sources
into broad categories (Table 2.3) and comparing changes in percent utilization, the shifts in
carbon source utilization by bacterial rhizosphere communities after exposure to increased
phosphorus loading were often inconsistent across plant and water treatment groups (Figure 3.7).
Changes in the percent usage of polymers throughout the experiment were inconsistent between
plant and water treatment groups. In both water treatment groups of Phalaris there was a
decreasing trend in the average percent usage of carbohydrates throughout the experiment. All
treatment groups shared the same pattern of carboxylic and ketonic acid usage. There was a
decrease between 0 DAE and 7 DAE, followed by a gradual increasing trend in usage until 35
DAE, and finally a decrease in percent usage at 47 DAE.
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Figure 3.6: Metabolic diversity of rhizosphere bacteria communities was assessed by calculating
Shannon Diversity (H′) based on absorbance readings from Biolog™ Ecoplates taken after 96
hours of incubation representing patterns of carbon source utilization in communities associated
with Phalaris arundinacea and Veronica anagallis-aquatica planted mesocosms receiving high
(West Montrose) or low (Doon) quality water treatment after exposure to a phosphorus addition.
Each bar represents the average H′ for a treatment group’s experimental replicates (n=3). Each
experimental replicate’s value is comprised of the average of the 3 technical replicates on each
Biolog™ Ecoplate. The error bars represent standard error. Plant species are denoted as P
(Phalaris arundinacea) and V (Veronica anagallis-aquatica). High quality water treatment is
indicated with WM (West Montrose) and low water quality treatment is indicated with D
(Doon).
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Figure 3.7: Percentage usage of carbon substrates (grouped by polymers, carbohydrates,
carboxylic and ketonic acids, amino acids, and amines and amides) on Biolog™ Ecoplates by
rhizosphere bacterial communities associated with Phalaris or Veronica planted mesocosms
receiving high or low quality water treatments after and exposure to a phosphorus addition. Each
bar represents the average % usage for a group of carbon substrates for a treatment group’s
experimental replicates (n=3). Each experimental replicate’s value is comprised of the average of
the 3 technical replicates on each Biolog™ Ecoplate. The error bars represent standard error.
Plant species are denoted as P (Phalaris arundinacea) and V (Veronica anagallis-aquatica).
High quality water treatment is indicated with WM (West Montrose) and low water quality
treatment is indicated with D (Doon).
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The percent usage of amino acids remained fairly constant and similar between all
treatment groups with the exception of an increase in percent usage in both treatment groups
receiving the high quality water at 47 DAE. Percent usage of amines and amides varied among
treatment groups. There was an increasing trend in percent usage observed in the high water
quality treatment of Phalaris and the high water quality treatment group of Veronica. In contrast,
the low water quality treatment group of Veronica experienced a decreasing trend in percent
usage of amines and amides. The low water quality treatment group of Phalaris increased in
percent utilization of amines and amides between 0 and 3 DAE and again between 19 and 35
DAE but decreased at 47 DAE to usages comparable to 35 DAE.

Carbon source utilization data from Biolog™ Ecoplate was also analyzed by principal
components analysis (PCA) to assess shifts in rhizosphere bacterial community function
reflected by clustering patterns (Figure 3.8). At 0 days after exposure (DAE) all treatments
formed distinct clusters on principal component 1 (PC1) and principal component 2 (PC2). Both
plant groups receiving the low quality water treatments (Doon) scored similarly on PC 1 but
could be differentiated by PC 2. At 7 DAE both plant groups receiving the high quality water
treatment (West Montrose) grouped similarly on both PC 1 and PC 2. The Veronica treatment
group receiving the low quality water grouped separately to them, but nearby, and the Phalaris
treatment receiving the low quality water treatment grouped separately from the other 3
treatments on both PC 1 and PC 2. This indicated that the functional shift experienced by the
Phalaris group receiving the low quality water was different than all other groups at this time. At
19 and 35 DAE both plant groups receiving the high quality water treatment grouped similarly
on PC 1 and PC 2.
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Figure 3.8: Principal components analysis of carbon source utilization generated from Biolog™
Ecoplates inoculated with bacterial communities in the rhizosphere of mesocosms planted with
Phalaris arundinacea or Veronica anagallis-aquatica receiving high quality (West Montrose) or
low quality (Doon) water treatment after exposure to a phosphorus addition. Values are the
average of 3 experimental replicates which are derived from averages of 3 technical replicates on
each plate. Error bars represent standard error. Plant species are denoted as P (Phalaris
arundinacea) and V (Veronica anagallis-aquatica). High quality water treatment is indicated
with WM (West Montrose) and low water quality treatment is indicated with D (Doon).
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At 19 DAE both plant groups receiving the low quality water treatment grouped similarly
and at 35 DAE they grouped separately and away from the high quality water treatment groups.
At 47 DAE all treatment groups separated and were distinguishable from each other.

The Phalaris group receiving the low quality water treatment remained the most distinct
and least similar to all other groups throughout the experiment. Both plant groups receiving the
high quality water treatment remained similar to each other throughout the experiment. The
Veronica group receiving the low water quality treatment had a pattern of carbon source
utilization that changed often throughout the experiment. At different points throughout the
experiment it was distinguishable from all other groups (0, 35 and 47 DAE), similar to the other
low water quality group (19 DAE), and similar to the high water quality groups (7 DAE).
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Shifts in Community Structure
Structural community profiles of rhizosphere bacterial communities were assessed using
denaturing gradient gel electrophoresis (DGGE). Community structural similarity was compared
using hierarchical clustering analysis to generate unweighted pair group method with arithmetic
mean (UPGMA) dendrograms. Overall, percent similarity was high among all rhizosphere
bacterial communities (71.8%) at 0 days after exposure (DAE) (Figure 3.9). Although all
treatment groups shared a high degree of similarity, groups receiving the low water quality
(Doon) treatment tended to share a higher degree of similarity to each other than those receiving
the high water quality (West Montrose) treatment at 0 DAE. The plant species in each treatment
group appeared to be less influential in determining percent similarity than water treatment as
plant species groups were mixed fairly evenly through the clustering hierarchy and the two most
similar communities at 0 DAE were Phalaris and Veronica associated communities receiving the
low quality water treatment (89.7%). At 7 DAE the overall similarity between all communities
remains close to 0 DAE (71.8%) at 73.5% (Figure 3.10). However, two hierarchical clusters
formed at higher percent similarities (88% and 88.9%) than previously observed. Membership in
these clusters appeared to be influenced by both water quality and plant species as one cluster of
5 had 4 communities that received the high water quality treatment and/or were associated with
Phalaris. The other cluster of 7 had 5 communities that received the low quality water treatment
and/or were associated with Veronica.
At 21 DAE the overall similarity between all groups had decreased to 63.2% and the distinct
clusters that formed at 7 DAE had less overall within cluster similarity (66.4% and 77.6% vs
88% and 88.9%) (Figure 3.11).
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Figure 3.9: Hierarchical cluster analysis of banding patterns obtained from denaturing gradient
gel electrophoresis (DGGE) of PCR amplified 16 rDNA extracted from rhizosphere soil at 0
days after exposure (DAE) to a phosphorus addition, rendered graphically as an UPGMA
dendrogram. Plant species are denoted as P (Phalaris arundinacea) and V (Veronica anagallisaquatica). High quality water treatment is indicated with WM (West Montrose) and low water
quality treatment is indicated with D (Doon). Percent similarity between clusters is indicated at
branch joining points.
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Figure 3.10: Hierarchical cluster analysis of banding patterns obtained from denaturing gradient
gel electrophoresis (DGGE) of PCR amplified 16 rDNA extracted from rhizosphere soil at 7
days after exposure (DAE) to a phosphorus addition, rendered graphically as an UPGMA
dendrogram. Plant species are denoted as P (Phalaris arundinacea) and V (Veronica anagallisaquatica). High quality water treatment is indicated with WM (West Montrose) and low water
quality treatment is indicated with D (Doon). Percent similarity between clusters is indicated at
branch joining points.
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Figure 3.11: Hierarchical cluster analysis of banding patterns obtained from denaturing gradient
gel electrophoresis (DGGE) of PCR amplified 16 rDNA extracted from rhizosphere soil at 21
days after exposure (DAE) to a phosphorus addition, rendered graphically as an UPGMA
dendrogram. Plant species are denoted as P (Phalaris arundinacea) and V (Veronica anagallisaquatica). High quality water treatment is indicated with WM (West Montrose) and low water
quality treatment is indicated with D (Doon). Percent similarity between clusters is indicated at
branch joining points.
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Additionally, membership in these clusters from 7 DAE remained well defined by water
treatment with one cluster of 5 that had 4 communities receiving the low quality water and the
other cluster of 7 that had 5 communities receiving high quality water. However, the distribution
of plant species in each cluster was more balanced with the cluster of 5 members split with 3
Phalaris and 2 Veronica communities, and the cluster of 7 split with 4 Veronica and 3 Phalaris
communities.
At 35 DAE the overall percent similarity among all communities increased to 81.7%
(excluding one outlier at 48.5%) (Figure 3.12). The 2 distinct clusters formed at 7 DAE were no
longer present as the communities no longer grouped strongly based on the water quality
treatment or the associated plant species. At 47 DAE the overall similarity between all
communities had decreased to 58.2% and two distinct clusters had formed again (Figure 3.13).
These clusters appear to be more strongly influenced by water quality treatment than plant
species. One cluster of 4 included 3 communities that received the high water quality treatment
and the other cluster of 8 included 5 that received the low water quality treatment. Both clusters
had an equal number of Phalaris and Veronica communities.
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Figure 3.12: Hierarchical cluster analysis of banding patterns obtained from denaturing gradient
gel electrophoresis (DGGE) of PCR amplified 16 rDNA extracted from rhizosphere soil at 35
days after exposure (DAE) to a phosphorus addition, rendered graphically as an UPGMA
dendrogram. Plant species are denoted as P (Phalaris arundinacea) and V (Veronica anagallisaquatica). High quality water treatment is indicated with WM (West Montrose) and low water
quality treatment is indicated with D (Doon). Percent similarity between clusters is indicated at
branch joining points.
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Figure 3.13: Hierarchical cluster analysis of banding patterns obtained from denaturing gradient
gel electrophoresis (DGGE) of PCR amplified 16 rDNA extracted from rhizosphere soil at 47
days after exposure (DAE) to a phosphorus addition, rendered graphically as an UPGMA
dendrogram. Plant species are denoted as P (Phalaris arundinacea) and V (Veronica anagallisaquatica). High quality water treatment is indicated with WM (West Montrose) and low water
quality treatment is indicated with D (Doon). Percent similarity between clusters is indicated at
branch joining points.
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Effects of Water Quality on Rhizosphere Bacterial Community Structure and Function
Bacterial communities of the same treatment groups maintained similar within-group
patterns of carbon source utilization and experienced similar shifts in carbon source utilization
throughout the experiment. However, water treatment was a better predictor of carbon source
utilization patterns than plant species (Figure 3.6, 3.7, and 3.8). This indicates that any changes
in carbon source utilization experienced by rhizosphere bacterial communities in response to
phosphorus addition were influenced by the water quality treatment they received more than by
the plant species they were associated with.
Patterns of rhizosphere bacterial community structure varied through the experiment.
However, structural profiles of communities with the same water quality treatment clustered
more reliably than by plant species (Figures 3.9, 3.10, 3.11, 3.12, and 3.13). Excluding one
outlier at 35 DAE (Figure 3.12), similarity between all mesocosm communities never dropped
below 50% and was often higher (71.8%, 73.5% and 63.2%) (Figures 3.9, 3.10, and 3.11).
Overall, community structure and function were similar in all treatment groups and when
differentiated, it was more often on the basis of water quality treatment than by associated plant
species. This, again, demonstrates that the rhizosphere bacterial communities were influenced by
the water quality treatment they received more than by the plant species they were associated
with.
A shift towards homogenization of carbon metabolism was seen at 7 days after exposure
(DAE) for all treatment groups other than the Phalaris arundinacea associated communities in
the low water quality treatment (Figure 3.8). However, this shift may have been influenced by a
precipitation event that occurred at 3 DAE during water collection. This is explained by the fact
that water collected at 3 DAE was still being fed to mesocosms at 7 DAE. The runoff from that
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precipitation event also likely contributed to the increases in nitrogenous compounds measured
in the inflow water at 3 DAE and the outflow waters at 7 DAE. Nitrogenous compounds,
particularly those used in agriculture, are commonly transported in runoff during precipitation
events (Udawatta et al. 2006; Douglas et al. 2010; Randall and Mulla 2010; Zhao et al. 2012).
While the concentration of nitrogenous compounds increased at 7 DAE (Figures 3.1, 3.2,
3.3), total reactive phosphorus (TRP) (Figure 3.4) concentration dropped in effluent water after
the phosphorus addition. Phosphorus removal in wetlands is attributed mainly to sedimentation
or assimilation by plants and microbes as it passes through the soil matrix. This influx of
phosphorus may have relaxed the demand for phosphorus mobilization from the soil, temporarily
reducing the concentration of TRP measured shortly after exposure (0 and 3 DAE). The outflow
water TRP concentration increased between 3 and 47 DAE to pre-exposure levels demonstrating
the ability of wetland soil communities to mobilize phosphorus from the soil.
Ahn et al. (2007) performed an experiment examining the effects of a sustained
phosphorus loading on bacterial community structure in planted (Schoenoplectus
tabernaemontani) and unplanted wetland microcosms. After a month of treatment, a significant
difference between low and high phosphorus treatment soil bacterial community structure was
detected in unplanted microcosms. Interestingly, the effects of both high and low phosphorus
treatments on soil bacterial community structure were inconsistent in planted microcosms. The
authors suggested that this may have been due to a lack of plant growth while in the microcosms
as well as a sampling technique that may have incorporated too much bulk soil with the
rhizosphere soil. They also measured the phosphorus removal rate in surface waters of the
microcosms. They found that both planted and unplanted high phosphorus treatment microcosms
had a phosphorus removal rate of 77-79% of the influent water concentration (3-5mg/L) of
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phosphorus. Conversely, the low phosphorus treatments removed very little phosphorus (0.3%
removal rate in the unplanted) or liberated it from the soil (-14% removal rate in the planted).
Although the structural community shifts seen by Ahn et al. (2007) were not observed in our
experiments, the phosphorus removal rates do agree with our findings. The differentiation in
bacterial community structure may be attributed to the sustained nature of the phosphorus
addition in the Ahn et al. (2007) study design. Due to the one-time nature of our experiment’s
phosphorus addition, changes in bacterial community structure may have been temporary or of
insufficient magnitude to be detected by our approach. Prior to the phosphorus addition we
observed a higher concentration of phosphorus in the effluent water than the influent water
(Figure 3.4). This suggests that phosphorus was being mobilized from the soil or through the
decomposition of organic compounds. Ahn et al. (2007) maintained high concentrations of
phosphorus throughout their experiment in one of their treatment groups; this led to a high
removal rate. This is similar to what we observed shortly after our one time phosphorus addition.
At 3 DAE there was a decrease in the concentration of phosphorus measured in the outflow
water (Figure 3.4). When a phosphorus addition was added to our systems, it may have relaxed
the demand for decomposition and mobilization of phosphorus from the soil. In the planted low
phosphorus treatment, Ahn et al. (2007) observed liberation of phosphorus from the soil which is
similar to what we observed before the phosphorus addition and after the nutrient pulse had
passed through our mesocosm systems.

Relationships Between Carbon Source Utilization Patterns and Community Structure
Our analysis of bacteria communities did not include DNA sequence analysis. A small
number of studies have compared shifts in taxonomic groups based on sequence analysis with
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changes observed in carbon source utilization profiles by compound group (Table 2.3) (Garau et
al. 2007; Wagner et al. 2009; Gordon-Bradley et al. 2015; Soman et al. 2017). While the causes
for the differences in the bacterial communities in these studies are different than our study, they
may provide insight into the kinds of shifts in carbon source utilization that are associated with
particular taxonomic groups. For example, Soman et al. (2017) observed different shifts in
taxonomic groups in response to different fertilizer conditions. Unfertilized low nutrient
conditions were linked to a prevalence of specific species from the Acidobacteria phylum. They
also found that nitrogen containing fertilizer additions resulted in an increase in utilization of all
Biolog Ecoplate™ carbon substrates. Gordon-Bradley et al. (2015) observed in soil communities
of different depths that the abundance of certain species from the taxa Actinobacteria,
Bacteroidetes, and Verrucomicrobia were correlated with carbohydrate use and
Deltaproteobacteria were correlated with polymers use. Wagner et al. (2009) found that
environments with more species from the taxa Alphaproteobacteria, Betaproteobacteria, and
Planctomycetes preferred polymers and carbohydrates while communities with more
Actinobacteria and Firmicutes preferred amino acids and amines. Garau et al. (2007) found that
different soil amendments impacted both bacterial community structure and carbon source
utilization. Communities dominated by Proteobacteria and Bacteroidetes preferentially used
carboxylic acids, amino acids, and polymers compared to communities dominated by
Betaproteobacteria. They also found that amendments that promoted the growth of
Actinobacteria and Firmicutes had very low metabolic diversity and used only 1 polymer and 1
carbohydrate substrate on Biolog Ecoplates™ (Tween 40 and Pyruvic acid methyl ester). While
it is difficult to compare any of these trends to our data they demonstrate that shifts in
community structure are reflected in carbon source metabolism.
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Effects of Plant Species Associations on Rhizosphere Bacterial Community Structure and
Function
While some differentiation was observed between water quality treatment groups, the
effect of plant species association was not detected frequently in structural and functional
profiles (Figures 3.8, 3.9, 3.10, 3.11, 3.12, and 3.13). Plant root effects derived from
rhizodeposites or root exudates may affect rhizoplane communities, found in root surface
biofilms, more strongly than rhizosphere communities due to the difference in proximity
(Weisskopf et al. 2008). Additionally, samples of rhizosphere soil may contain influences from a
mixture of other nearby plant species. A consequence of constructing our mesocosms using
Grand River sediment was that other plants did germinate and grow in all mesocosms from the
natural soil seedbank. While not every mesocosm had the same mixture of plants, these
additional plant species have the potential to influence rhizosphere communities through their
own rhizodeposites and plant root exudates. This mixed plant community influence may result in
bacterial rhizosphere communities that are less well described by the plant species originally
planted in the mesocosms. It may also explain why we observed a more reliable influence from
water quality conditions than associated plant species. While this design may make specific plant
influences more difficult to discern, it creates a system that more accurately models a natural
riparian zone. Thus, we can assess microbial communities that are more similar to those found in
natural riparian zones and obtain a more accurate understanding of the effects that a phosphorus
addition would have on natural riparian zone communities.
Much of the existing literature on the influence of plant root exudates on rhizosphere
bacterial community structure and function reports on experiments conducted in microcosms or
pots with only one plant or one plant species (Kanya 2001; Wieland et al. 2001; Marschner et al.
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2004b; Haichar et al. 2008). Field studies examining rhizosphere bacteria communities in mixed
plant communities have demonstrated that soil physio-chemical properties can be more
influential than plant species on rhizosphere bacterial community structure and function
(Broughton and Gross 2000; Brodie et al. 2002; McNicol et al. 2005). McNicol et al. (2005)
examined root-associated bacterial community structure in 40 spatially referenced soil cores
from an upland grazed grassland using DGGE and T-RFLP. Both methods revealed that the
specific plant species in a soil core that the community was associated with did not have a
significant influence on bacterial community composition. However, they found that the
variation in bacterial community structure was lower within soil core samples than it was
between soil core samples. This suggested that the combination of plants influencing a soil core
created a localized effect which better defined bacterial community structure than the individual
influences of each species in a sampled core. Brodie et al. (2002) and Broughton and Gross
(2000) both examined soil bacterial community structure along plant diversity gradients. Brodie
et al. (2002) examined bacterial numbers, microbial activity and community structure (T-FRLP)
along a gradient between a semi-arid natural upland grassland and an agriculturally-improved
enclosure. While plant diversity decreased closer to the agriculturally-improved area, bacterial
numbers, activity and diversity increased. They found that alterations in community structure and
diversity coincided with changes in the soil’s physio-chemical properties. They noted that an
increase in pH, nitrate, phosphorus, potassium and calcium as well as a decrease in organic
matter and ammonium, were found in the soil as the gradient approached the improved
enclosure. They concluded that the soil physio-chemical factors may be as influential in
determining bacterial community diversity as floristic diversity is. Broughton and Gross (2000)
investigated the effects of plant productivity and diversity on bacterial community structure.
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Their gradient shifted between a low productivity plant community consisting of low-growing
perennial forbs to higher productivity plant community consisting of perennial grasses. Using
fatty acid methyl ester analysis (FAME) they discovered that changes in soil bacterial
community structure were not correlated with plant productivity or species. They argued that the
observed lack of change in community structure could be attributed to a variety of factors
including the possibility that the site’s overall plant community composition may be more likely
to affect bacterial community structure than plant species or productivity of the sampled soil.

Effects of Soil on Rhizosphere Bacterial Community Structure and Function
The pattern of overall high similarity between all groups may be explained by several
different factors. First, all mesocosms were originally constructed and filled with the same
homogenized soil mixture that included sediment from along the Grand River’s banks. Studies
have repeatedly demonstrated that bacterial community structure and function is heavily
controlled by the physio-chemical properties of the soil they inhabit (Vigdis and Lise 2002;
McNicol et al. 2005; Smalla et al. 2007; Ahn and Peralta 2009; Preem et al. 2012; Peralta et al.
2013). Due to the nature of our mesocosm design, all mesocosms would have the same original
soil mix and, therefore, similar physio-chemical soil environments. If the effects of different
water quality inputs and plant species associations did not significantly alter the physio-chemical
properties of the soil, a high degree of similarity in bacterial community structure and function
between all treatment groups is likely. pH of effluent water was monitored throughout the
experiment and it remained stable between 7 and 9 (Figure 3.5). While pH is only one of the
physio-chemical factors that defines the soil environment, its stability is likely linked to the
overall stability of the rhizosphere bacterial community.
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Smalla et al. (2007) investigated the bacterial community structure of four different
arable soil types using denaturing gradient gel electrophoresis (DGGE), terminal restriction
fragment length polymorphism (T-RFLP), and single strand conformation polymorphism (SSCP)
to determine if different techniques clustered communities differently. They found that all 3
techniques produced similar results and that cluster analysis of bacterial community structure
consistently grouped soils that possessed similar physio-chemical properties. They also found
little variation between the replicates of each arable soil type. Peralta et al. (2013) examined
differences in bacterial community structure in created and natural wetlands based on
pyrosequencing of 16S ribosomal DNA. They found in both types of wetlands that physiochemical factors such as soil moisture %, pH, soil organic matter (SOM), total organic carbon
(TOC), total nitrogen (TN), and carbon nitrogen ratios (C:N) were influential factors in
predicting bacterial community structure. Of those factors, they found that pH and C:N ratios
were most significant.
Rhizosphere bacterial communities are reported to be higher in diversity relative to
rhizoplane and bulk soil communities (Bulgarelli et al. 2012; Lundberg et al. 2012; Schlaeppi et
al. 2013; Edwards et al. 2015). This diversity is considered to be derived from the physiochemical gradients in soil (pH, oxygen and photosynthates) originating from the varied distance
to plant roots that the rhizosphere community can be found in (Hartmann et al. 2009). High
levels of structural diversity are traditionally thought to be correlated positively with ecological
stability (MacArthur 1955). The concept that more diverse communities confer stability or
resilience through functional redundancy has been previously demonstrated in rhizosphere
bacterial communities (Bardgett et al. 2000; Degens et al. 2001; Briones and Raskin 2003;
Girvan et al. 2005). This may be an indication that the high diversity of rhizosphere bacterial
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communities may help resist the effects of a perturbation from elevated nutrient loadings. If this
is the case, it may explain why we observed a relatively high degree of overall similarity
between treatment groups throughout the experiment and why the communities begin to become
more distinct by 35 DAE (Figure 3.8) as they were before the nutrient addition.
Bardgett et al. (2000) used a technique based on progressive fumigation with chloroform
to reduce soil microbial biodiversity and study the effects it had on key soil processes. Soils were
fumigated for 24 hours and then left to incubate for 5 months. They reported a mixed effect of
reduced biodiversity on microbial community function. They observed that the fumigated soils
had increased thymidine incorporation (a measure of cell growth) and a higher rate of plant
residue decomposition as well as decreased rates of nitrification and denitrification. They also
assessed the resilience of the fumigated soil communities by imposing a transient or persistent
stress in the form of a brief heating to 40 ºC or an addition of CuSO4. Assessments of resilience
were based on the decomposition of plant residues as it was the main indicator of ecosystem
function. They found that the fumigated soils with reduced biodiversity recovered more slowly
than the non-fumigated soils to the transient stress (heating), and that the fumigated soils did not
recovere from the persistent stress (CuSO4) even after 2 months. Girvan et al. (2005) studied the
effects of benzene on the community diversity and stability of bacterial soil communities with
naturally differing levels of diversity. Resilience was assessed by the mineralization rate of
common and niche carbon sources and diversity was assessed using DGGE. They found that the
more diverse communities were more resilient to benzene pollution than the less diverse
communities. The more diverse communities recovered their ability for niche carbon source
utilization by the end of the experiment (9 weeks), whereas, the community with low initial
diversity did not. They also found that structural diversity was maintained in the naturaly more
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diverse soil communities through the experiment, whereas, the naturally less diverse
communities declined further in structural diversity through the experiment.

Shifts in Arbuscular Mycorrhizal Colonization Rates
Arbuscular mycorrhizal colonization was observed in both Phalaris arundinacea and
Veronica anagallis-aquatica (Figure 3.14). Hyphal colonization trends were consistent between
plant species groups and not significantly differentiated by the water quality treatment they were
receiving (Figure 3.15). The Phalaris plant groups decreased gradually in hyphal colonization
between 0 and 47 days after exposure (DAE). In contrast to this the Veronica plant groups
increased gradually in hyphal colonization between 0 and 47 DAE. Arbuscular colonization
trends were also differentiated by plant species more than by water quality treatment. Both
Phalaris groups experienced an increase in arbuscular colonization between 0 DAE and 19 DAE,
followed by a decrease between 19 and 47 DAE. Both Veronica groups experienced a gradual
increase in arbuscular colonization between 0 DAE and 47 DAE. Trends in vesicular
colonization were not consistent between water or plant treatment groups.
A multiple linear regression was performed on rank transformed data to assess hyphal,
arbuscular and vesicular colonization rates (Tables 3.1, 3.2 and 3.3).
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Figure 3.14: Bright-field microscopy image of arbuscular mycorrhizal fungi colonization in
roots of Phalaris arundinacea after clearing and staining using the ink and vinegar method.
Hyphae (H), arbuscules (A), and vesicles (V) are indicated with arrows.
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Figure 3.15: Estimates of hyphal (A), vesicular (B) and arbuscular (C) colonization, from
Phalaris arundinacea and Veronica anagallis-aquatica growing in mesocosms receiving high or
low quality water, after exposure to a phosphorus addition. Plant species are indicated with P
(Phalaris arundinacea) and V (Veronica anagallis-aquatica). Low quality water treatment is
indicated with D (Doon) and high quality water treatment is indicated with WM (West
Montrose). Values are the average of percent colonization estimates for each treatment group
with error bars representing standard deviation.
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Table 3.1: Summary Table of a Multiple Linear Regression Assessing the Effects of Plant
Species, Water Quality, and Time on Hyphal Colonization Rates in Response to a Phosphorus
Loading
Explanatory Variables
Estimate
Std. Error
t.value
p.value
(Intercept)
88.14404
6.74881
13.0607
1.969e-13
Time
-0.16484
0.21425
-0.7694
0.4481
WaterWM
-1.14400
8.86832
-0.1290
0.8983
SpeciesV
-13.14407
8.86832
-1.4821
0.1495
Time:WaterWM
-0.14587
0.30300
-0.4814
0.6339
Time:SpeciesV
0.30134
0.30300
0.9945
0.3285
WaterWM:SpeciesV
-3.49443
12.54170
-0.2786
0.7826
Time:WaterWM:SpeciesV
0.42721
0.42850
0.9970
0.3273
Water quality, plant species, and days after exposure (Time) to the phosphorus loading were
considered as main effects. All 2 way, and one 3 way interactions were also considered. The
intercept is coded to represent the categorical variables of the low quality water treatment (Doon)
and the plant species Phalaris arundinacea. Plant species are denoted as P (Phalaris
arundinacea) and V (Veronica anagallis-aquatica). High quality water treatment is indicated
with WM (West Montrose) and low water quality treatment is indicated with D (Doon).

Table 3.2: Summary Table of a Multiple Linear Regression Assessing the Effects of Plant
Species, Water Quality, and Time on Arbuscular Colonization Rates in Response to a
Phosphorus Loading
Explanatory Variables
Estimate
Std. Error
t.value
p.value
(Intercept)
36.004498
8.618631
4.1775
0.0003
Time
0.052937
0.237619
0.2228
0.8253
WaterWM
-6.984368
9.835624
-0.7101
0.4835
SpeciesV
-19.937788
9.835624
-2.0271
0.0523
Time:WaterWM
-0.159920
0.336044
-0.4759
0.6378
Time:SpeciesV
0.563094
0.336044
1.6757
0.1049
WaterWM:SpeciesV
7.689675
13.909673
0.5528
0.5848
Time:WaterWM:SpeciesV
0.292188
0.475238
0.6148
0.5436
Water quality, plant species, and days after exposure (Time) to the phosphorus loading were
considered as main effects. All 2 way, and one 3 way interactions were also considered. The
intercept is coded to represent the categorical variables of the low quality water treatment (Doon)
and the plant species Phalaris arundinacea. Plant species are denoted as P (Phalaris
arundinacea) and V (Veronica anagallis-aquatica). High quality water treatment is indicated
with WM (West Montrose) and low water quality treatment is indicated with D (Doon).
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Table 3.3: Summary Table of a Multiple Linear Regression Assessing the Effects of Plant
Species, Water Quality, and Time on Vesicular Colonization Rates in Response to a Phosphorus
Loading
Explanatory Variables
Estimate
Std. Error
t.value
p.value
(Intercept)
24.6849634
5.6445305
4.3733
0.0002
Time
-0.1428641
0.1954956
-0.7308
0.4710
WaterWM
-7.3699269
8.0920374
-0.9108
0.3702
SpeciesV
-10.4429004
8.0920374
-1.2905
0.2074
Time:WaterWM
0.0017977
0.2764725
0.0065
0.9949
Time:SpeciesV
0.0939982
0.2764725
0.3400
0.7364
WaterWM:SpeciesV
3.0919877 11.4438691
0.2702
0.7890
Time:WaterWM:SpeciesV
0.4301821
0.3909912
1.1002
0.2806
Water quality, plant species, and days after exposure (Time) to the phosphorus loading were
considered as main effects. All 2 way, and one 3 way interactions were also considered. The
intercept is coded to represent the categorical variables of the low quality water treatment (Doon)
and the plant species Phalaris arundinacea. Plant species are denoted as P (Phalaris
arundinacea) and V (Veronica anagallis-aquatica). High quality water treatment is indicated
with WM (West Montrose) and low water quality treatment is indicated with D (Doon).
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Effects of Water Quality and Plant Species on Changes in AMF Colonization Rates in Response
to a Phosphorus Addition
In analyzing the colonization rate data for AMF using a rank based multiple regression
analysis, arbuscular colonization rates were significantly different between plant species
(P=0.052) (Table 3.2). Hyphal colonization rates were also better differentiated by plant species
(P=0.149) than water quality (P=0.898), time (P=0.448), or any of the 2 or 3 way interactions
(Table 3.1). Colonization rates of the Phalaris arundinacea and Veronica anagallis-aquatica
responded differently to the phosphorus exposure. Phalaris arundinacea experienced a decline in
hyphal and arbuscular colonization while Veronica anagallis-aquatica experienced an increase
in hyphal and arbuscular colonization. Patterns of vesicular colonization were less
straightforward as no consistent pattern was found between plant species or water quality
treatment. This may suggest that factors affecting arbuscular and hyphal colonization may be
different than those affecting vesicular colonization. Overall, a decrease in colonization in
response to phosphorus was expected based on previous studies that investigated the effects of
phosphorus additions on AMF colonization rates (Treseder 2004). The increase in colonization
observed in Veronica anagallis-aquatica was unexpected was the inverse of what has been
observed in past studies on AMF colonization responses to phosphorus additions (Treseder
2004).

Effects of Plant Physiology on AMF Colonization Rates
Some previous research has suggested that under certain conditions monocots may have
more extensive and well developed aerenchymal tissue than dicots. This difference has been
attributed to evidence suggesting that monocots have an evolutionary history linked to wetlands
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(Chase 2004; Seago et al. 2005). Cornwell et al. (2001) suggested that better developed
aerenchymal tissue may allow for better diffusion of oxygen into the rhizosphere of monocot
plants. This increased oxygen transport through the roots would allow for increased aerobic
respiration in plant root cells which encourages growth of root systems. Therefore, more soil area
can be accessed by the more extensive root system for nutrients and water. Additionally,
increased oxygen in the soil around plant roots stimulates aerobic decomposition by saprophytes
which liberates phosphorus that the plant can uptake (Moore et al. 1994). If the dicot species in
our experiment (Veronica anagallis-aquatica) did not develop extensive arenchyma, and did not
benefit from the theoretical increase to root system growth and more oxygenated rhizosphere, it
may have had a greater dependence on AMF to acquire phosphorus for growth. This may
account for the increase in colonization observed in Veronica and the decrease observed in
Phalaris after exposure to a phosphorus addition. If Phalaris arundinacea was better able to
oxygenate its rhizosphere, the associated bacterial community may have been able to mobilize
enough phosphorus from the soil or liberate enough phosphorus by decomposing organic
compounds that when supplemented with the phosphorus addition, Phalaris arundinacea
became less dependent on AMF, leading to a decreasing colonization rate.
Plant measurements were not included in this experiment and so we cannot quantify the
effect that water quality or nutrient additions may have had on plant growth. Additionally, no
root or shoot sections were obtained for comparison of arenchymal tissue development between
plant species. Although no data were collected with respect to root length, it was apparent by
visual inspection that Phalaris arundinacea had roots 2-3 times the length of those of Veronica
anagallis-aquatica as well as having more extensive lateral root development. This difference in
soil depth and breadth reached by the roots of the different plant species may also suggest why
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Veronica anagallis-aquatica may have been more reliant on AMF for phosphorus uptake. If the
roots did not penetrate into the soil as deeply or broadly as those of other wetland plants, AMF
associated may have been more significant contributors to the area of soil accessible for nutrient
uptake for Veronica anagallis-aquatica.
Two previous studies that have compared AMF colonization in wetland monocots and
dicots also found a difference between morphologies. Weishampel and Bedford (2006) assessed
the AMF colonization rates of 67 plant species found in 3 different calcareous fens in central
New York State (USA). They found that on average, AMF colonization was higher in dicots
(58±3%) than monocots (13±4%). They noted that AMF colonization was typically low (<10%)
in both sedges and cattails, two monocot families that are often abundant in wetlands. Cornwell
et al. (2001) investigated the occurrence of AMF in a phosphorus poor wetland and the
colonization response to phosphorus fertilizers. After assessing 18 plant species they found that 9
of 10 dicots species formed AMF associations with average colonization rates ranging between
3% and 55.5% while monocot species were mostly not colonized or formed only weak AMF
associations at most (0.3%). Cornwell et al. (2001) also assessed the development of aerenchyma
in their study and found that monocots had more extensive aerenchyma, especially in coarse
roots. Two plant species that had previously been described as mycorrhizal (Typha latifolia and
Carex lasiocarpa) were non-mycorrhizal at their study site. This lack of association suggests that
AMF may not improve phosphorus nutrition in some species under those environmental
conditions.
If extensive aerenchyma were present in Phalaris arundinacea (the monocot species in
our study), and they provided sufficient oxygen to the rhizosphere such that the bacterial
community was able to liberate sufficient phosphorus that it lowered the plant’s dependence on
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AMF associations, the addition of phosphorus in our experiment may have lowered Phalaris
arundinacea dependence on AMF associations even further, explaining the decrease in %
colonization. Additionally, if the opposite was true of the Veronica anagallis-aquatica plant’s
aerenchyma, the increased available phosphorus accessible to AMF may have increased %
colonization due to the plants inability to acquire that nutrition through its own root system or
from bacterial community activity in the rhizosphere.
While the potential connection between physiology and AMF colonization response is
interesting, more data are required to confidently establish a link between the two. Monocots and
dicots are incredibly broad taxonomic groups and aerenchymal development is controlled by
genetic and environmental factors (Jackson and Armstrong 1999; Seago et al. 2005). Until a
more comprehensive study of the effect plant physiology has on the AMF colonization response
to phosphorus additions is completed, the link will remain an interesting speculative correlation.

Comparison of Rhizosphere Bacterial Community Function and AMF colonization
There is an interesting contrast between the AMF colonization rates and the changes
observed in bacterial functional profiles over time. The extent of AMF colonization and the
increasing or decreasing presence of arbuscules are an indicator of AMF activity and function.
While it is not directly comparable to the analysis of bacterial community function we
conducted, it does provide a means of discussing similarities and differences in the response to a
phosphorus addition.
Bacterial communities of the same treatment groups maintained similar within-group
patterns of carbon source utilization and experienced similar shifts in carbon source utilization
throughout the experiment. By the end of the experiment (47 DAE), patterns of carbon source
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utilization by bacterial communities were again differentiated by treatment group as they were at
0 DAE (Figure 3.8). In contrast, AMF colonization rates remained differentiated at 47 DAE from
the colonization rates at 0 DAE (Figure 3.15). This suggests that the impacts of a phosphorus
exposure on function may persist for different lengths of time in bacterial and AMF
communities. However, another explanation may be that the bacterial functional profiles were
not able to reflect shifts in community structure that persisted at 47 DAE. This idea is supported
by the differences observed in how structural communities cluster at 47 DAE and 0 DAE (Figure
3.13).
Additionally, the effects of water quality were more apparent in bacteria community
structure and function (Figure 3.6, 3.8, 3.9, 3.10, 3.11, 3.12, and 3.13) than in AMF colonization
rates (Figure 3.15). In contrast with that, AMF colonization was significantly different in the two
plant species (Tables 3.1 and 3.2). However, the effect of plant species was less obvious in
bacterial community structure and function. These connections may seem obvious, as AMF must
colonize the plant’s root and so it will likely be impacted by plant root effects and rhizosphere
bacteria are found in a spatial gradient away from the root (Weisskopf et al. 2008). However, it
does illustrate that the relationship between rhizosphere bacterial communities and AMF is
complex and that seeing a particular change in one community is not necessarily indicative of a
similar one in the other community.
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Chapter 4: Microbial Community Shifts Associated with a One-Time Artificial Wastewater
Loading in Lab-Scale Planted Wetland Mesocosms
This research was designed to further our understanding of the effects of nutrient loading
on riparian zone microbial communities, specifically the relationship between arbuscular
mycorrhizal fungi and rhizosphere bacteria. For that purpose, I ask the following question, how
do established riparian zone rhizosphere communities of bacteria and arbuscular mycorrhizal
fungi associated with different plant species and with histories of different water quality
conditions vary structurally or functionally when exposed to an artificial wastewater addition?
As discussed in chapter 2, following the phosphorus addition, the mesocosms were switched to
an artificial freshwater composition. Mesocosms were given an adjustment period of 66 days to
acclimatize to the new water conditions. After 66 days the mesocosms received a one-time
nutrient addition of artificial wastewater to supplement the artificial fresh water composition for
24 hours. No organisms were included in the artificial wastewater addition.
4.1 Results and Discussion
Water Chemistry Monitoring
For the same reasons that water chemistry was monitored during the phosphorus
exposure, we collected water chemistry data again to supplement our understanding of changes
occurring within the mesocosm systems. The unionized ammonia concentration in the outflow
waters of all mesocosm treatment groups was similar at 0 days after exposure (DAE) with the
Phalaris plant group that had previously received the low quality water treatment (Doon) higher
than the others (Figure 4.1). These concentrations were comparable to the Ontario provincial
water quality objective (0.02 mg/L).
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Figure 4.1: Quantification of unionized ammonia (mg/L) in mesocosm outflow water through
colorimetry utilizing HACH water test kits at 0, 3, 6, 13 and 20 days after exposure (DAE) to an
artificial wastewater addition. The Ontario provincial water quality objective (PWQO) is shown
for comparison. The high water quality treatment, West Montrose, is denoted WM and the low
water quality treatment, Doon, is denoted D. Error bars represent standard deviation (n=3).
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At 3 days after exposure (DAE) the concentration of unionized ammonia increased on
average in all treatment groups other than the Phalaris plant group that previously received low
quality water treatment (Doon). That group remained consistently low on average (0.02 – 0.04
mg/L). At 6 DAE the concentration of unionized ammonia in the outflow water from the
Veronica plant group that had previously received low quality water decreased rapidly to levels
comparable to those recorded at 0 DAE. The concentration of unionized ammonia in the outflow
water from the Phalaris plant group that previously received high quality water returned to pre
exposure levels at 20 DAE. Additionally, at 20 DAE, the concentration of unionized ammonia in
the outflow water from the Veronica plant group that previously received high quality water was
still elevated from levels recorded at 0 DAE.
The concentration of nitrate in the outflow waters of all mesocosm treatment groups was
similar at 0 days after exposure (DAE) with the Veronica plant group that had previously
received the high quality water treatment (West Montrose) lower than the others (Figure 4.2).
The concentration of nitrate in all mesocosm outflow waters throughout the experiment was
consistently lower than the Ontario provincial water quality objective (13 mg/L). The
concentration of nitrate in outflow waters decreased gradually between 0 DAE and 6 DAE for all
treatment groups other than the Phalaris plant group that previously received the low quality
water treatment. In contrast, that treatment group experienced an increase in the concentration of
nitrate in the outflow waters between 0 and 6 DAE. At 13 and 20 DAE all outflow water nitrate
concentrations measured below detection limits.
The concentration of nitrite in the outflow waters of all mesocosm treatment groups was
similar at 0 days after exposure (DAE) with the Phalaris plant group that had previously
received the high quality water treatment (West Montrose) higher than the others (Figure 4.3).

73

14
12
10
D Phalaris

Nitrate mg/L

8

WM Phalaris
6

D Veronica
WM Veronica

4

PWQG

2
0
0DAE

3DAE

6DAE

13DAE

20DAE

-2

Figure 4.2: Quantification of nitrate (mg/L) in mesocosm outflow water through colorimetry
utilizing HACH water test kits at 0, 3, 6, 13 and 20 days after exposure (DAE) to an artificial
wastewater addition. The Ontario provincial water quality objective (PWQO) is shown for
comparison. The high water quality treatment, West Montrose, is denoted WM and the low water
quality treatment, Doon, is denoted D. Error bars represent standard deviation (n=3).
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Figure 4.3: Quantification of nitrite (mg/L) in mesocosm outflow water through colorimetry
utilizing HACH water test kits at 0, 3, 6, 13 and 20 days after exposure (DAE) to an artificial
wastewater addition. The Ontario provincial water quality objective (PWQO) is shown for
comparison. The high water quality treatment, West Montrose, is denoted WM and the low water
quality treatment, Doon, is denoted D. Error bars represent standard deviation (n=3).
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These concentrations and all other measured concentrations were lower than the Ontario
provincial water quality objective (0.06 mg/L). The concentration of nitrite in outflow waters
decreased at 3 DAE for all treatment groups. After that point only two other measurements for
nitrite were above detection limits. The Veronica plant group that previously received low
quality water showed a spike at 6 DAE and the Phalaris plant group that previously received low
quality water showed a spike at 20 DAE. Both spikes were similar to the levels measured at 0
DAE.
The outflow water concentration of all forms of nitrogen measured in this experiment
(unionized ammonia, nitrate, and nitrite) decreased after the addition of artificial wastewater.
One exception to this was ammonia, which experienced an increase in all treatment groups other
than Phalaris arundinacea with a past history of low quality water treatment (Doon) before a
slow decrease in outflow water concentration. The influx of labile nitrogen and carbon may have
reduced the demand for breakdown of complex organic material in soil. This may have affected
the rate of nitrogen cycle transformations leading to the decrease in nitrate and nitrite observed in
outflow water after 3 DAE. Communities may shift towards organisms that thrive in a nutrient
rich environment and temporarily outcompete other niche metabolic groups (Ramirez et al.
2012; Leff et al. 2015). A consistent difference in pH was measured in mesocosms with different
histories of water quality treatment. This was a pattern not previously observed when the
mesocosm systems were receiving different influent water (Figure 3.5).
The concentration of total reactive phosphorus (TRP) in the outflow waters of all
mesocosm treatment groups was similar at 0 days after exposure (DAE) with the Phalaris plant
group that had previously received the low quality water treatment (Doon) higher than the others
(Figure 4.4).
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Figure 4.4: Quantification of total reactive phosphorus (mg/L) in mesocosm outflow water
through colorimetry utilizing HACH water test kits at 0, 3, 6, 13 and 20 days after exposure
(DAE) to an artificial wastewater addition. The Ontario provincial water quality objective
(PWQO) is shown for comparison. The high water quality treatment, West Montrose, is denoted
WM and the low water quality treatment, Doon, is denoted D. Error bars represent standard
deviation (n=3).
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These concentrations and all other measured concentrations far exceeded the Ontario
provincial water quality objective (0.03 mg/L). The concentration of TRP in the outflow waters
of all 4 treatment groups increased between 0 and 3 DAE and then decreased between 3 and 6
DAE. It then increased again between 6 and 13 DAE and remained at this elevated level at 20
DAE. A high degree of variation was observed within sample groups throughout the experiment.
The average pH of all mesocosm outflow waters remained consistently between 7.2 and
8.2 throughout the experiment (Figure 4.5). Both plant groups that previously received high
quality inflow water (West Montrose) remained consistently higher than those that received the
low quality inflow water (Doon) with one exception, the Phalaris plant group that received low
quality water had an average pH more similar to the high water quality treatment groups at 13
days after exposure (DAE). Throughout the sampling period all mesocosm treatment group
outflow waters had consistent pH measurements. There was an increase observed between 0 and
3 DAE, followed by a decrease between 3 and 6 DAE.
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Figure 4.5: Quantification of pH in mesocosm outflow water at 0, 3, 6, 13 and 20 days after
exposure (DAE) to an artificial wastewater addition. The Ontario provincial water quality
objective for fresh water aquatic life suggests a pH range of 6.5-9. The high water quality
treatment, West Montrose, is denoted WM and the low water quality treatment, Doon, is denoted
D. Error bars represent standard deviation (n=3).
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Shifts in Community Function
Functional shifts in rhizosphere bacterial communities varied based on both history of
water quality treatment and plant species throughout phase 2 of the experiment. The mesocosms
planted with Phalaris that had previously received the high quality water treatment and the
Veronica planted mesocosm with a history of receiving a low quality water treatment shared a
pattern of decreasing Shannon Diversity (H′) at 6 days after exposure (DAE) and a subsequent
recovery that did not quite return to the 0 DAE values by the final sample day (20 DAE) (Figure
4.6). The Veronica planted mesocosm with a history of receiving a low quality water treatment
did differ from this shared trend at 13 DAE with a decrease in H′ than the mesocosms planted
with Phalaris that had previously received the high quality water treatment. In contrast with that
the mesocosms planted with Phalaris that had previously received the low quality water
treatment and the Veronica planted mesocosm with a history of receiving a high quality water
treatment shared a pattern of increasing H′ between 0 DAE and 3 DAE, followed by a gradual
decrease in H′ that did not recover to 0 DAE H′ levels by the end of the experiment (20 DAE).
Shifts in the patterns of Ecoplate carbon source utilization by bacterial rhizosphere
communities after an exposure to an artificial wastewater loading were fairly consistent between
groups and not well differentiated by plant or water treatment history groups when assessed by
pooling absorbance readings from Biolog™ Ecoplate carbon sources into broad categories
(polymers, carbohydrates, carboxylic and ketonic acids, amino acids, and amines and amides)
and comparing changes in percent utilization (Figure 4.7). No changes in the percent use of
polymers were observed throughout the experiment in all treatment groups.
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Figure 4.6: Metabolic diversity of rhizosphere bacteria communities was assessed by calculating
Shannon Diversity (H′) based on absorbance readings from Biolog™ Ecoplates taken after 96
hours of incubation representing patterns of carbon source utilization in communities associated
with Phalaris arundinacea and Veronica anagallis-aquatica planted mesocosms receiving high
(West Montrose) or low (Doon) quality water treatment after exposure to an artificial wastewater
addition. Each bar represents the average H′ for a treatment group’s experimental replicates
(n=3). Each experimental replicate’s value is comprised of the average of the 3 technical
replicates on each Biolog™ Ecoplate. The error bars represent standard error. Plant species are
denoted as P (Phalaris arundinacea) and V (Veronica anagallis-aquatica). High quality water
treatment is indicated with WM (West Montrose) and low water quality treatment is indicated
with D (Doon).
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Figure 4.7: Percentage usage of carbon substrates (grouped by polymers, carbohydrates,
carboxylic and ketonic acids, amino acids, and amines and amides) on Biolog™ Ecoplates by
rhizosphere bacterial communities associated with Phalaris or Veronica planted mesocosms
receiving high or low quality water treatments after exposure to an artificial wastewater addition.
Each bar represents the average % usage for a group of carbon substrates for a treatment group’s
experimental replicates (n=3). Each experimental replicate’s value is comprised of the average of
the 3 technical replicates on each Biolog™ Ecoplate. The error bars represent standard error.
Plant species are denoted as P (Phalaris arundinacea) and V (Veronica anagallis-aquatica).
High quality water treatment is indicated with WM (West Montrose) and low water quality
treatment is indicated with D (Doon).
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However, a decreasing trend is seen in the Phalaris group with a history of low water
quality (Doon) treatment and the Veronica group with a history of high water quality (West
Montrose) treatment. A contrasting increasing trend is observed in the Phalaris group with a
history of high water quality treatment and the Veronica group with a history of low water
quality treatment. Both the Phalaris group with a history of low water quality treatment and the
Veronica group with a history of high water quality treatment also share a similar pattern of
carbohydrate usage. First, there is an increase between 0 days after exposure (DAE) and 3 DAE.
This is followed by a gradual decrease in percent usage of carbohydrates again between 3 and 20
DAE. A similar pattern of decrease is seen in the Phalaris group with a history of high water
quality treatment and the Veronica group with a history of low water quality treatment from 0
DAE until 13 DAE with an increase at the last sample day (20 DAE). All treatment groups show
a trend in the increase of the percent usage of carboxylic and ketonic acids from 0 DAE to 13
DAE. Between 13 and 20 DAE the Phalaris group with a history of low water quality treatment
and the Veronica group with a history of high water quality treatment continue in their increasing
trend while the Phalaris group with a history of high water quality treatment and the Veronica
group with a history of low water quality treatment share a decrease in percent usage of
carboxylic and ketonic acids. The patterns of percent utilization of amino acids, and percent
utilization of amines and amides is similar between all treatment groups. With the exception of
the Veronica group with a past history of low water quality treatment, all treatment groups
experience a decrease in percent utilization of these nitrogenous compounds between 0 and 3
DAE. This is then followed by a gradual increase peaking at 6, 13 or 20 DAE followed by a
decrease for the remaining sample days.
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Carbon source utilization data from Biolog™ Ecoplate was also analyzed by principal
components analysis (PCA) to assess shifts in rhizosphere bacterial community function
reflected by clustering patterns (Figure 4.8). At 0 days after exposure (DAE) all treatments
formed distinct groupings on principal component 1 (PC1) and principal component 2 (PC2).
The Veronica group with a history of receiving a low quality water treatment (Doon) and the
Phalaris group with a history of receiving a high water quality treatment (West Montrose) were
the most similar of all treatment groups at 0 days after exposure (DAE). Both plant groups with a
history of low water quality treatment grouped similarly on PC 2 but differently on PC 1. At 3
DAE all groups became more similar to each other on PC 1 but remained better differentiated on
PC 2. Both Veronica plant groups had increased within-group variation compared to 0 DAE on
the PC 1 axis but remained fairly consistent within each group along PC 2 axis. At 6 DAE both
Veronica treatment groups remained similar to each other, grouping closely on PC 1 and PC 2.
The Phalaris group with a history of receiving the low water quality treatment also grouped
similarly to the Veronica groups at 6 DAE but less closely. At 13 DAE the Phalaris group with a
history of receiving a low quality water treatment and the Veronica group with a history of
receiving a high water quality treatment remained closely grouped as both other treatments
became distinct from all other groups. This pattern of carbon source utilization remained the
same at 20 DAE with the Phalaris group with a history of receiving a low quality water
treatment and the Veronica group with a history of receiving a high water quality treatment
remaining similar and the other two treatment groups becoming more distinct from all other
treatment groups.
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Figure 4.8: Principal components analysis of carbon source utilization generated from Biolog™
Ecoplates inoculated with bacterial communities in the rhizosphere of mesocosms planted with
Phalaris arundinacea or Veronica anagallis-aquatica receiving high quality (West Montrose) or
low quality (Doon) water treatment after exposure to an artificial wastewater addition. Values are
the average of 3 experimental replicates which are derived from averages of 3 technical
replicates on each plate. Error bars represent standard error. Plant species are denoted as P
(Phalaris arundinacea) and V (Veronica anagallis-aquatica). High quality water treatment is
indicated with WM (West Montrose) and low water quality treatment is indicated with D
(Doon).
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All treatment groups were distinct before the artificial wastewater exposure but the most
similar treatment groups were the Phalaris group with a history of receiving a low quality water
treatment and the Veronica group with a history of receiving a high water quality treatment.
After the exposure treatment groups experienced a homogenization of carbon source utilization
patterns 3 DAE. All other sample dates show a gradual separation of treatment groups based on
patterns of carbon source utilization. However, at the final sample day (20 DAE) the Phalaris
group with a history of receiving a low quality water treatment and the Veronica group with a
history of receiving a high water quality treatment remained similar (Figure 4.8).
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Shifts in Community Structure
Structural community profiles of rhizosphere bacterial communities were assessed using
denaturing gradient gel electrophoresis (DGGE). Community structural similarity was compared
using hierarchical clustering analysis to generate unweighted pair group method with arithmetic
mean (UPGMA) dendrograms. At 0 days after exposure (DAE) the overall similarity between all
communities was fairly high (71.1%) (Figure 4.9). There were two main clusters and one outlier.
Both clusters were defined better by the history of water quality treatment received by these
communities than the associated plant species. One cluster of 5 included 4 communities that had
received the high water quality (West Montrose) treatment. The other cluster of 6 included 5 that
had received the low water quality (Doon) treatment. The cluster of 5 communities was split
between 3 communities associated with Veronica and 2 associated with Phalaris. The cluster of
6 communities was split evenly between Veronica and Phalaris associated communities and the
outlier community was associated with Phalaris. At 3 DAE there was a decrease in overall
similarity between all communities (71.1% to 68.3%) (Figure 4.10). The pattern of two clusters
with one outlier observed at 0 DAE was observed again. The clusters were similar to those
observed at 0 DAE in that they were defined by their history of water quality treatment better
than by associated plant species. One cluster of 4 had 3 communities that had a history of
receiving high water quality treatment and the cluster of 6 had 5 communities with a history of
receiving low quality water treatment. The cluster of 4 was split between 2 communities
associated with Veronica and 2 communities associated with Phalaris. The cluster of 7 was split
between 3 Veronica associated communities and 4 Phalaris associated communities and the
outlier community was associated with Veronica.
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Figure 4.9: Hierarchical cluster analysis of banding patterns obtained from denaturing gradient
gel electrophoresis (DGGE) of PCR amplified 16 rDNA extracted from rhizosphere soil at 0
days after exposure (DAE) to an artificial wastewater solution, rendered graphically as an
UPGMA dendrogram. Plant species are denoted as P (Phalaris arundinacea) and V (Veronica
anagallis-aquatica). Mesocosms with a history of high quality water treatment are indicated with
WM (West Montrose) and low water quality treatments are indicated with D (Doon). Percent
similarity between clusters is indicated at branch joining points.
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Figure 4.10: Hierarchical cluster analysis of banding patterns obtained from denaturing gradient
gel electrophoresis (DGGE) of PCR amplified 16 rDNA extracted from rhizosphere soil at 3
days after exposure (DAE) to an artificial wastewater solution, rendered graphically as an
UPGMA dendrogram. Plant species are denoted as P (Phalaris arundinacea) and V (Veronica
anagallis-aquatica). Mesocosms with a history of high quality water treatment are indicated with
WM (West Montrose) and low water quality treatments are indicated with D (Doon). Percent
similarity between clusters is indicated at branch joining points.
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At 6 DAE the overall community similarity was higher than 3 DAE (68.3% to 72.7%)
(Figure 4.11). Additionally there were no longer 2 clearly defined clusters. Instead there were
small groups or pairs of similar communities. Some of these highly similar pairs and groups
shared a history of water quality treatment (84.4% and 87.5%) and some of them had different
histories of water treatment (87.3% and 91.4%). Clusters were not strongly defined by associated
plant species or water quality at 6 DAE. At 13 DAE the overall similarity between all groups
increased from 72.7% to 73.5% (Figure 4.12). There were no distinct clusters based on
associated plant species or history of water quality treatment. At 20 DAE the overall similarity
between communities decreased from 73.5% to 67.5% (Figure 4.13). At this point clusters
appear to be forming again based off of the history of water quality treatment, however not as
strongly as they had prior to the artificial wastewater exposure. There was a cluster of 3 (73.4%)
and a cluster or 2 (78.3%) comprised of communities that histories of receiving high water
quality treatment. The largest cluster contained 7 communities, of which 6 had a history of low
water quality treatment. Phalaris and Veronica associated communities were spread evenly
throughout most clusters.
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Figure 4.11: Hierarchical cluster analysis of banding patterns obtained from denaturing gradient
gel electrophoresis (DGGE) of PCR amplified 16 rDNA extracted from rhizosphere soil at 6
days after exposure (DAE) to an artificial wastewater solution, rendered graphically as an
UPGMA dendrogram. Plant species are denoted as P (Phalaris arundinacea) and V (Veronica
anagallis-aquatica). Mesocosms with a history of high quality water treatment are indicated with
WM (West Montrose) and low water quality treatments are indicated with D (Doon). Percent
similarity between clusters is indicated at branch joining points.
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Figure 4.12: Hierarchical cluster analysis of banding patterns obtained from denaturing gradient
gel electrophoresis (DGGE) of PCR amplified 16 rDNA extracted from rhizosphere soil at 13
days after exposure (DAE) to an artificial wastewater solution, rendered graphically as an
UPGMA dendrogram. Plant species are denoted as P (Phalaris arundinacea) and V (Veronica
anagallis-aquatica). Mesocosms with a history of high quality water treatment are indicated with
WM (West Montrose) and low water quality treatments are indicated with D (Doon). Percent
similarity between clusters is indicated at branch joining points.
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Figure 4.13: Hierarchical cluster analysis of banding patterns obtained from denaturing gradient
gel electrophoresis (DGGE) of PCR amplified 16 rDNA extracted from rhizosphere soil at 20
days after exposure (DAE) to an artificial wastewater solution, rendered graphically as an
UPGMA dendrogram. Plant species are denoted as P (Phalaris arundinacea) and V (Veronica
anagallis-aquatica). Mesocosms with a history of high quality water treatment are indicated with
WM (West Montrose) and low water quality treatments are indicated with D (Doon). Percent
similarity between clusters is indicated at branch joining points.
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Effects of Water Quality and Plant Species on Rhizosphere Bacterial Community Structure and
Function
Shifts in metabolic diversity and patterns of carbon source utilization were difficult to
predict based on plant species and history of water quality treatment (Figures 4.6, 4.7, and 4.8).
No consistent patterns within water treatment or plant species groups were apparent. At 0 DAE,
treatments grouped separately but the two most similar groupings were of opposite plant species
and past water treatment (Figure 4.8). This indicates that each treatment group had different
patterns of carbon source utilization, but they were not dominated by the influence of associated
plant species or past differences in water quality treatment. The influence of plant species was
also difficult to discern during the first phase of the experiment (during the phosphorus addition).
However, differences in water quality were reflected in rhizosphere bacterial community during
the phosphorus exposure. During this phase of the experiment, differences in water quality inputs
were eliminated and this is reflected in bacterial community function.
PCA plots of carbon source utilization reveal a homogenization in patterns of carbon
metabolism at 3 days after exposure (DAE), persisting in various degrees until 20 DAE (Figure
4.8). This suggests an artificial wastewater addition influences the community functionally for up
to two weeks after the hydraulic retention time ends (the hydraulic retention time of these
systems was ~6 days). Additional sample dates may have revealed a longer lasting influence on
community function.
Structural profiles initially cluster weakly based on past history of water treatment
(Figure 4.9). This is an interesting contrast to community function where the influence of
differences in past water quality treatment (during phase 1) were not detected. At 6 DAE
structural profiles clustered even less strongly based on history of water treatment (4.11). At 13
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DAE structural profiles became homogenized and no longer clustered based on past water
quality treatment (Figure 4.12). At 20 DAE structural community profiles started to cluster
weakly by history of water quality treatment (Figure 4.13). Overall, the similarity of rhizosphere
bacterial structural community profiles remained high throughout the experiment (>65%). When
communities did cluster, it was on the basis of past history of water quality treatment and not
associated plant species. This was similar to the pattern observed in the phase 1 experiment.
Consistent with what was observed in phase 1 (phosphorus addition experiment), this suggests
that the rhizosphere bacterial communities are strongly influenced by the physio-chemical
factors of the soil shared by all treatment groups. Factors such as pH, water availability, nutrient
abundance, redox conditions, soil texture, and temperature have repeatedly been shown to play
influential roles in bacterial community structure and function (Vigdis and Lise 2002; McNicol
et al. 2005; Smalla et al. 2007; Ahn and Peralta 2009; Preem et al. 2012; Peralta et al. 2013).
Interestingly, the influence of past water quality treatment on bacterial community structure was
still present even after the 66 day acclimatization period to the artificial freshwater composition
that all mesocosms were switched to after phase 1 (phosphorus addition experiment) ended.
However, the effects of past water treatment are seen more prominently in the structural
community profiles than the functional community profiles which are not distinguished by
associated plant species and only weakly by water quality treatment at 0 DAE in phase 2. This
might indicate that exposure to different water qualities can leave lasting effects on bacterial
community structure, even if it is not reflected in bacterial community function. However, it is
also possible that the methods we utilized did not detect persisting differences in bacterial
community function caused by the different water quality treatments during phase 1 (phosphorus
addition experiment).
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Effects of an Artificial Wastewater on Rhizosphere Bacterial Community Structure and Function
An overall homogenization of all communities was observed in both the structural and
functional profiles of rhizosphere bacterial communities in response to the artificial wastewater
addition. This suggests that the structure and function of rhizosphere bacterial communities is
linked. While both were affected by the artificial wastewater addition, the structural profiles
were slower to change (structural homogenization at 6 and 13 DAE vs. functional profile
homogenization at 3 DAE). This may indicate that bacterial community metabolism shifts more
quickly than the structure of the community. This may represent a shift over time in response to a
perturbation in the community as organisms that benefit from the disturbance become more
prominent in the community and those that are adversely affected become less prominent.
The effects of complex nutrient loading and their duration on wetland microbial
communities are not presently well understood. Leff et al. (2015) investigated the responses of
soil bacteria, fungi, and archaea communities to elevated nutrient inputs (N and P) in a variety of
grasslands using high-throughput sequencing of marker genes. Although the bacterial
communities varied widely in different grasslands, there was a consistent pattern in the way in
which communities shifted in response to nutrient additions. They found that nutrient additions
decreased the average genome size of bacterial community members and elicited changes in the
relative abundances of functional genes (Leff et al. 2015). Based on an analysis of mean
generation time, they also observed a decrease in what they considered to be oligotrophic
bacterial taxa and an increase in copiotrophic bacterial taxa. A study on the effects of nitrogen
amendments on soil microbial communities and processes of 28 soils from different biomes
conducted by Ramirez et al. (2012) found similar results to Leff et al. (2015). After soils were
amended with NH4NO3 and left under controlled conditions for 1 year they found that in nearly
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all soils experienced a decrease in microbial respiration rates (11%) and microbial biomass
(35%). They also found consistent shifts in community structure and lower enzyme activities
associated with recalcitrant C decomposition (Ramirez et al. 2012). The authors suggested that
this indicated N additions altered soil community structure and function, shifting communities
towards a preference for more labile C sources and a slower rate of decomposition. These
findings may explain the homogenization we observed in the structure and function of all
treatment groups in response to the artificial wastewater addition (Figures 4.8 and 4.12).
While our findings share similarities with Ramirez et al. (2012) and Leff et al. (2015),
other studies have found that nutrient additions have variable or no effect on microbial
community structure and function. Mentzer et al. (2006) investigated microbial response over
time to hydrologic and fertilization treatments in a simulated wet prairie. Nutrient additions
(ammonium, urea, and phosphate) altered fungal lipid biomarkers and nitrification potential.
However, nutrient additions did not significantly alter the soil bacterial community structure
based on phospholipid fatty acid analysis. They also found that hydrological regime was a
significantly more influential variable than nutrient additions on changes in microbial
community structure and function. Min et al. (2011) investigated the effects of ammonium and
nitrate additions on carbon mineralization in wetland soils. They found that under acidic
conditions (pH 5.77) changes in response to N additions were observed in soil CO2 efflux,
extractable dissolved organic carbon (DOC), simple substrate utilization enzyme activity and pH.
The authors interpreted the increased CO2 efflux, and decreased DOC and decreased enzyme
activity to suggest that N additions decreased decomposition rates in the soil. Interestingly, these
changes were not observed under more alkaline conditions (pH 7.95). They concluded that N
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additions could influence the rate of C cycling in wetland soils and that soil pH may play a role
in the magnitude of that influence.
Additionally, some studies have investigated the effects of wastewater on soil microbial
communities. Truu et al. (2009) investigated the effects of irrigation with secondary-treated
municipal wastewater on soil microbial communities under short-rotation willow coppice. They
found that in the 3 year study the irrigation treatments had a weak effect on soil chemistry but the
microbial community structure was not significantly different than the control plot communities.
They did, however, find that the wastewater treatment did significantly increase the amount of
nitrogen, phosphorus and potassium in treated soils. Ibekwe et al. (2003) investigated the effects
of dairy wastewater effluent on constructed wetland microbial communities. Over 11 months
they found that the bacterial community in the wetlands treated with dairy wastewater effluent
became dominated by phylogenetic clusters related to those originally retrieved from the
gastrointestinal tracts of mammals. They also found among the ammonia-oxidizing bacteria, the
control wetland showed a higher percentage of Nitrosospira-like sequences, while the dairy
wastewater treated wetland showed more Nitrosomonas-like sequences. While these studies are
different than my experiments, they demonstrate that the effect of wastewater on soil microbial
communities is variable and dependent on the exact details of the soil community and
wastewater composition.

Shifts in Arbuscular Mycorrhizal Colonization Rates
Many of the Veronica anagallis-aquatica planted mesocosms were undergoing a period
of natural senescence and regrowth during this experiment. Many of the collected root samples
degraded during sample preparation and processing, or the plants were too small to sample. Due
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to this limitation, Veronica anagallis-aquatica was not considered in the following analysis.
Trends in hyphal, vesicular, and arbuscular colonization did not differ significantly between
Phalaris plants that had a history of different water quality treatments (Figure 4.14). There was a
general trend shared by both hyphal and arbuscular colonization rates. There was a decrease in
percent colonization between 0 days after exposure (DAE) and 3 DAE followed by an increase
in percent colonization between 3 and 6 DAE. After 6 DAE both arbuscular and hyphal
colonization decreased at 13 DAE and increased at 20 DAE. One exception to this trend was a
decrease in hyphal colonization in the Phalaris plants with a history of receiving high quality
water treatment. Vesicular colonization in Phalaris plants with a history of receiving low quality
water increased between 0 DAE and 3 DAE. It decreased between 3 and 13 DAE, and increased
again between 13 and 20 DAE. The vesicular colonization did not change significantly in
Phalaris plants with a history of receiving high quality water until 13 DAE where it decreased.
A multiple linear regression were performed on rank transformed data to assess
colonization rates. Data transformations and multiple linear regression was performed in
XLSTAT Statistical Analysis Software (Addinsoft, Paris, France) and the XLSTAT-R software
package using the additional “Rfit” package (Kloke 2016) in the R core software (R Core Team
2019). Due to the insufficient and inconsistent number of viable samples of Veronica anagallisaquatica roots during phase 2 we could not assess their colonization rates. Main effects of time
(DAE) and past history of water quality treatment as well as their interaction term were not
found to be significant in a rank based multiple regression analysis for hyphal (Table 4.1),
arbuscular (Table 4.2), or vesicular (Table 4.3) colonization. Therefore, the artificial wastewater
nutrient addition did not appear to have an effect on AMF colonization. In contrast to the
decrease observed in phase 1 of the experiment in response to the phosphorus addition (Figure
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3.15), the artificial wastewater addition did not significantly change colonization rates in either
treatment group (past history of receiving different water quality inputs).
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Figure 4.14: Estimates of hyphal (A), vesicular (B) and arbuscular (C) colonization, from
Phalaris arundinacea growing in mesocosms with a history of receiving high or low quality
water, after exposure to an artificial wastewater addition. Plant species is indicated with P
(Phalaris arundinacea). A history of low quality water treatment is indicated with D (Doon) and
a history of high quality water treatment is indicated with WM (West Montrose). Values are the
average of percent colonization estimates for each treatment group with error bars representing
standard deviation.
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Table 4.1: Summary Table of a Multiple Linear Regression Assessing the Effects of Water
Quality and Time on Hyphal Colonization Rates in Response to an Artificial Wastewater
Addition
Explanatory Variable
Estimate
Std. Error
t.value
p.value
(Intercept)
78.3571622
3.6378031
21.539
4.205e-18
Time
0.14285460
0.2673033
0.5344
0.5975
WaterWM
3.28568255
4.1890790
0.7843
0.4399
Time:WaterWM
-0.2857111
0.3780240
-0.7558
0.4565
Water quality and days after exposure (Time) to the artificial wastewater addition were
considered as main effects. Both 2 way interactions were also considered. The intercept is coded
to represent the categorical variable of the low quality water treatment (Doon). High quality
water treatment is indicated with WM (West Montrose) and low water quality treatment is
indicated with D (Doon)

Table 4.2: Summary Table of a Multiple Linear Regression Assessing the Effects of Water
Quality and Time on Arbuscular Colonization Rates in Response to an Artificial Wastewater
Addition
Explanatory Variable
Estimate
Std. Error
t.value
p.value
(Intercept)
34.9697696
4.8383664
7.2275
1.124e-07
Time
-0.0969769
0.3929982
-0.2467
0.8070
WaterWM
-0.1508434
6.1589241
-0.0244
0.9806
Time:WaterWM
-0.4745684
0.5557835
-0.8538
0.4009
Water quality and days after exposure (Time) to the artificial wastewater addition were
considered as main effects. Both 2 way interactions were also considered. The intercept is coded
to represent the categorical variable of the low quality water treatment (Doon). High quality
water treatment is indicated with WM (West Montrose) and low water quality treatment is
indicated with D (Doon).
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Table 4.3: Summary Table of a Multiple Linear Regression Assessing the Effects of Water
Quality and Time on Vesicular Colonization Rates in Response to an Artificial Wastewater
Addition
Explanatory Variable
Estimate
Std. Error
t.value
p.value
(Intercept)
21.1615235
3.7258698
5.6796
5.648e-06
Time
-0.4000086
0.3446881
-1.1604
0.2563
WaterWM
4.00002771
5.4018253
0.7404
0.4656
Time:WaterWM
-0.4461424
0.4874626
-0.9152
0.3684
Water quality and days after exposure (Time) to the artificial wastewater addition were
considered as main effects. Both 2 way interactions were also considered. The intercept is coded
to represent the categorical variable of the low quality water treatment (Doon). High quality
water treatment is indicated with WM (West Montrose) and low water quality treatment is
indicated with D (Doon).
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Chapter 5: Summary, Conclusions and Future Directions
Phase 1 (Phosphorus Addition)
In summary, this research was designed to further our understanding of the effects of
nutrient loading on riparian zone microbial communities, specifically arbuscular mycorrhizal
fungi and rhizosphere bacteria. For that purpose, I asked the following question: how do
established riparian zone rhizosphere communities of bacteria and arbuscular mycorrhizal fungi
associated with different plant species adapted to different water quality conditions vary
structurally or functionally when exposed to a phosphorus addition?
Bacterial rhizosphere communities retained a high overall degree of structural similarity
(>50%) despite being associated with different plant species and receiving different water quality
treatments. Water quality treatment had more influence on rhizosphere bacterial community
structure than associated plant species. However, water quality treatment was not a consistently
dominant influence of community structure or functional similarity. The observed shifts in
patterns of carbon source utilization were more influenced by water quality treatment than
associated plant species. These results suggest that rhizosphere bacterial community structure
and function is controlled primarily by physio-chemical factors in the soil that include but are not
dominated by influences from both water quality and associated plant species.
Prior to the phosphorus addition, TRP concentrations in mesocosm effluent were higher
than TRP concentrations in the inflow water. This suggested that there was not sufficient
biologically available phosphorus in the inflow water for microbial communities in the soil,
which led to mobilization of phosphorus from the soil. After the phosphorus addition, TRP
concentrations in the outflow water of all mesocosms were lower than the inflow concentration
of TRP. This change remained until 47 DAE. This demonstrated that in response to a phosphorus
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addition, rhizosphere microbial communities are effective at removing phosphorus from water
passing through the soil matrix.
AMF colonization rates differed significantly between plant species in response to a
phosphorus addition. Phalaris arundinacea experienced a decrease or no significant change in
AMF colonization in response to a phosphorus addition while Veronica anagallis-aquatica
experienced an increase in AMF colonization. These differences in colonization may be linked to
plant physiology and the development of aerenchyma. The effects of a one-time phosphorus
addition remained ongoing at 47 DAE and possibly longer.

Phase 2 (Artificial Wastewater Addition)
Just as in phase 1 of the experiment, our goal was to further our understanding of the
effects of nutrient loading on riparian zone microbial communities, specifically arbuscular
mycorrhizal fungi and rhizosphere bacteria. For that purpose, I asked the following question:
how do established riparian zone rhizosphere communities of bacteria and arbuscular
mycorrhizal fungi associated with different plant species and with histories of different water
quality conditions vary structurally or functionally when exposed to an artificial wastewater
addition?
Similar to phase 1, rhizosphere bacterial community structure remained highly similar
(>65%) throughout the experiment. Again, this was likely due to rhizosphere bacterial
community structure and function being controlled primarily by physio-chemical factors in the
soil that include but are not dominated by influences from water quality and associated plant
species. At 0 days after exposure (DAE) differences based on associated plant species or past
history of water quality treatment did not define community carbon source utilization patterns.
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Both community structure and function of all treatment groups trended towards homogenization
in response to the artificial wastewater addition. These shifts are likely due to the composition of
artificial wastewater including a variety of carbon and nitrogen sources more easily metabolised
than those liberated by decomposition of organic material in the soil. They remained
homogenized to varying degrees until the end of the experiment (20 DAE). The effects of the
artificial wastewater exposure on rhizosphere bacteria communities lasted for at least 2 weeks
after the end of the hydrological retention time. AMF colonization was abundant in Phalaris
arundinacea but did not change significantly in response to the artificial wastewater exposure.
This suggests that the artificial wastewater addition did not significantly alter the dynamics of the
nutrient exchange relationship between Phalaris arundinacea and the colonizing AMF.
The overall conclusions for this research are that shifts in rhizosphere bacterial
community structure and function are linked to changes in inflow water conditions. Our findings
also show that AMF colonization rates can differ between plant species and can be affected by a
phosphorus addition after 47 DAE. Additionally, AMF colonization can change independently of
the shifts occurring in rhizosphere bacterial communities. We have demonstrated that changes in
the two microbial communities can be independent and that these communities display different
sensitivities to different nutrient loads. Additionally, all mesocosm communities demonstrated a
capacity for phosphorus removal (<90% removal excluding 1 outlier) in response to an
environmentally relevant phosphorus addition. Established riparian zone rhizosphere microbial
communities are resilient to the effects of the nutrient loads we assessed and can be effective in
their removal. The shifts in community structural and functional profiles were temporary and
communities were influenced by the same factors before nutrient loading as they were after.
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Future Directions
While the rhizosphere bacterial community remained relatively stable in response to phosphorus
nutrient additions, the same may not be true of the rhizoplane and effluent water communities.
The effects of water quality and associated plant species were not dominant in the rhizosphere
soil bacterial communities for a number of potential reasons. However, their influence may be
detected in communities more directly associated with those influences (rhizoplane and effluent
water). It may be valuable to divide the rhizosphere into smaller and more specific communities
that may be more sensitive to changes based on their location. Likewise, the homogenization
observed in the bacterial communities of all treatment groups during the artificial wastewater
exposure may differ in the rhizoplane, where plant species may exert a more dominant influence
over bacterial communities than that observed in the rhizosphere. It may also be beneficial to test
different artificial waste water compositions with different nutrient compositions and C:N:P
ratios to investigate thresholds for community change. This may help to bridge the gap in our
understanding of the different responses observed between a phosphorus only exposure and a
more complex artificial wastewater exposure.
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Chapter 6: Integrative Nature of this Research
The program, for which this thesis was completed in partial fulfilment of, is referred to as
an Integrative Biology (MSc) program. Each year, as part of the program, new students research
and present to the department a short biography of the faculty members and the research they
conduct in their labs. The goal of this exercise is to demonstrate departmental collaboration and
provoke thought on the integrative nature of research in the field of biology. This discussion is
intended to help students contextualize the research they conduct and understand its place in the
broader scope of our understanding of life. Now, at the end of the program we are asked to
reflect on and explain the integrative nature of our research.
The research presented in this thesis is just a small piece of the work done to further our
understanding of the effects water quality has on wetland ecosystems. Past students, Lindsey
Clairmont and Daniel Marshall, worked on other aspects of the project that focused on the effects
of water quality on different types of microbial communities and wetland plants. Our collective
findings contribute to a broader understanding of wetland ecosystems than each could on its
own.
The background research for this thesis integrated a range of disciplines including;
microbiology, plant biology, ecology, water chemistry, biochemistry, geography, hydrology,
bioinformatics, statistics, and economics. Within the research I completed personally,
combinations of approaches were required to gain a well-rounded understanding of microbial
communities. I investigated both bacterial and arbuscular mycorrhizal fungi communities. They
were assessed from both structural and functional perspectives, utilizing both culture based and
non-culture based approaches. Assessments of water chemistry were also integrated as another
method of assessing the functional shifts in microbial communities.
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Appendix
PCR-DGGE of Arbuscular Mycorrhizal Fungi Community
Analysis of rhizosphere soil AMF community structure was attempted through PCRDGGE using a nested PCR approached based on Day et al. (2015). However, we were unable to
successfully amplify fungal DNA in the first step of the nested PCR. Several attempts were made
to optimize the protocol including replacing/re-making reagents and altering MgCl2
concentration (2M, 1M, 0.5M, 50mM, 25mM). In an attempt to establish a positive control to
work with, DNA extractions were performed in duplicate on 0.5 g of perlite that was mixed with
AMF inoculum. However, it appears that little or no DNA was extracted when assessed with a
spectrophotometer at wavelengths of 260nm and 260nm/280nm. Amplification was attempted
using the protocol by Day et al. (2015) and the PCR product was run on an agarose gel to
confirm presence or absence of bands. No bands were observed and, therefore, it was concluded
that our DNA extraction method for AMF community DNA may have been ineffective.
Although previous studies have used similar kits to the DNeasy PowerSoil Kits (Qiagen, Hilden,
Germany) that we used (Krishnamoorthy et al. 2015), the more popular methods seems to be a
liquid nitrogen style extraction on roots rather than soil similar to the one employed by Day et al.
(2015).
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